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ABSTRACT

THE ROLE OF THE FORMIN PROTEIN FAMILY IN MEMBRANE DYNAMICS
MAY 2016
PETRUS ADRIANUS CORNELIS VAN GISBERGEN, BAS., AVANS HOGESCHOOL ETTEN-LEUR
M.SC., WAGENINGEN UNIVERSITY
PH.D., UNIVERSITY OF MASSACHUSETTS AMHERST
Directed by: Professor Magdalena Bezanilla

Using molecular genetics, and high end imaging techniques, I assessed the function
of the formin protein family in the moss Physcomitrella patens. Formins are proteins that
can nucleate and elongate actin filaments. P. patens has 9 formins, divided over three
classes. I found that a class II formin (For2A) is essential for polarized growth and
specifically binds to the phosphoinositide PI(3,5)P2. Additionally, I show that this formin
polymerizes actin filaments in vivo. I demonstrated that binding PI(3,5)P2 is essential for
formin function.
My work also shows that one of the class I formins (For1F) is involved in exocytosis
and likely is a part of the exocyst tethering complex, directly linking exocytosis to the actin
cytoskeleton in plants. For1F is an essential gene, but its deletion can be rescued by
overexpression of For1D, another class I formin, suggesting that class I formins are involved
in exocytosis. Class I formins associate with actin filaments, but their interaction with actin
differs from class II formin interaction with actin. Drug treatments show that their
dynamics are dependent on both microtubules and actin filaments. This is in contrast to
class II formins that do localize to endocytic sites and whose dynamics are only dependent
on actin filaments. An endocytic marker can be seen traveling with the processive formin
For2A when For2A is polymerizing an actin filament. Quantification of the activity of For2A
vii

along the length of tip growing cells reveals that For2A preferentially generates actin
filaments towards the tip of the cell. This provides an actin array that is predominantly tiporiented and could serve as a scaffold for myosins to transport cargo along towards the cell
tip.
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CHAPTER 1
INTRODUCTION
Parts of this chapter have been published in the following paper:

van Gisbergen PAC, Bezanilla M. (2013) Plant formins: membrane anchors for actin
polymerization. Trends in Cell Biology 23 (5) 227-233.

Tip growth in plants
Tip growth is a form of anisotropic growth where the polarized secretion of cell wall
material results in cell expansion specifically at the apex. Tip growth is important for a
variety of cells and throughout the tree of life. Examples of tip growing cells in plants are
pollen tubes, that after landing on the stigma, grow towards the ovule for fertilization, root
hairs, for nutrient and water uptake, rhizoids, for anchoring the plant to a substrate and
protonemata in mosses and ferns, that establish the plant body after emergence from the
spore to facilitate the development of the gametophores (Hepler et al., 2001; Rounds and
Bezanilla, 2013; Vidali and Bezanilla, 2012).
In this study I focus on the mechanisms of tip growth of protonemata and rhizoids in
the moss Physcomitrella patens. This model organism is easy to grow and transform, is
haploid for most of its life cycle and does efficient homologous recombination. Additionally,
RNAi-mediated gene silencing is efficient (Bezanilla et al., 2003; Bezanilla et al., 2005). The
genome of P. patens has been sequenced (Rensing et al., 2008) and largely annotated,
providing a genetically tractable tool. Moreover, in the protonemal stage, moss grows as a
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network of tip growing cells that is one cell layer thick (Menand et al., 2007), making it
ideally suited for microscopy.
P. patens has a relatively simple life cycle. Under normal conditions, protonemal
tissue consists of two basic cell types; slow-growing chloronemal cells with many
choroplasts, and fast growing caulonemal cells with fewer chloroplasts (figure 1.1a-d).
Chloronemal cells are the first to arise out of the spore and form the core of the new moss
colony. Chloronemal cells at the tips of filaments can differentiate into caulonemal cells that
rapidly grow out to colonize the substrate in search of nutrients. Off of a protonema, a bud
will form (figure 1.1a and 1.1b), which will grow out into a gametophore. At the base of the
bud rhizoids grow out, which are very fast, straight growing filaments with few chloroplasts
and branches (figure 1.1b and 1.1e). The rhizoids serve to anchor the plant to the substrate.
This is necessary because the moss switches from a relatively two dimensional type of
growth to growth in the third dimension; the gametophore. On top of the gametophores
antheridia will form, which produce free swimming flagellate sperm, as well as archegonia,
which contain the egg cell. Following fertilization a sporophyte will form and after dispersal
the new protonemal tissue will grow out of the spore, completing the life cycle.

2

Figure 1.1. Tip growing cells in the moss P. patens. A. Illustration of P. patens life cycle. B. Young bud
growing from a protonema. Arrows indicate rhizoids emerging from the developing gametophore. Scale bar
is 50μm. C. Chloronemal filament. D. Caulonemal filament. E. Rhizoid filament. For C-E, scale bar is shown in
E and is 10μm. Image modified from Vidali and Bezanilla, 2012.

The actin cytoskeleton and tip growth
Tip growth has been studied extensively for decades, yet the molecular mechanisms
underlying this form of growth are poorly understood. To confine growth specifically to the
apex, the secretion of cell wall building blocks and plasma membrane material needs to be
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directed to the apex. It is hypothesized that this transport of materials is directed by the
actin cytoskeleton, which is necessary for polarized growth. Disruption of the actin
cytoskeleton using the actin inhibitor latrunculin B results in a loss of (polarized) tip growth
in pollen tubes (Vidali et al., 2001) and moss protonemata (Harries et al., 2005). RNAi
silencing of the actin motor protein myosin XI yields plants that consist of large rounded
cells without polarized outgrowths, indicative of a loss of polarized growth (Vidali et al.,
2010). Since myosin XI is a motor protein that is involved in vesicle transport along actin
filaments, it is likely that myosin XI is involved in the directed transport of cell wall material
loaded vesicles to the cell apex (figure 1.2).

Figure 1.2. Model for tip growth in P. patens. Exocytic vesicles are transported on actin tracks to the cell tip.
The actin tracks are made by membrane-bound class II formins and profilin and broken down by ADF. For
fast growing caulonemal and rhizoid cells, the actin nucleator Arp2/3 complex and the ADF activity
enhancing protein AIP are also required. Image modified from Vidali and Bezanilla, 2012.

With an expanding cell also comes the need to break down and rebuild the actin
network to keep up with the growing tip. Indeed proteins involved in the disassembly of the
actin array have a dramatic effect on tip growth. Actin depolymerizing factor (ADF) is a
small actin filament severing protein implicated in tip growth. RNAi silencing of ADF results
in small plants composed of small spherical cells, indicative of a loss of polarized growth
(Augustine et al., 2008). Interestingly, loss of ADF also results in a decreased dynamicity of
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the actin cytoskeleton, suggesting a dynamic actin cytoskeleton is required for tip growth.
Actin interacting protein (AIP) directly interacts with ADF and enhances its function, which
is necessary for the formation of the faster growing caulonemata and rhizoids (Augustine et
al., 2011; Vidali and Bezanilla, 2012).
With the breakdown of the actin cytoskeleton also comes the assembly of the
network at a new position tracking the growing tip. New actin filaments need to be
polymerized to facilitate the tracks for myosin XI to transport vesicular cargo along.
Profilins are small proteins capable of binding actin monomers and are implicated in actin
polymerization. RNAi silencing of profilin results in a loss of polarized growth like the loss
of myosin XI (Vidali et al., 2007). Profilin-actin complexes can interact with the actin
filament nucleator and elongator formin. How formins contribute to plant cell growth is the
main topic of this thesis.

Formins
Formins were first identified in the early eighties as proteins encoded by the genes
required for the normal formation of limbs in mice (Kleinebrecht et al., 1982). Mice with
mutations in these loci have fused bones in their extremities and kidney malformations.
Formin homology (FH) proteins, or formins, are defined as proteins with sequence and
structural homology to the original mammalian formins, yeast Bni1p and Drosophila
CAPPUCCINO and DIAPHANOUS (Zeller et al., 1999). Formin homology proteins share two
conserved domains; FH1 and FH2 (figure 1.3). FH1 domains contain one or more poly-Lproline regions, where profilin-actin complexes can bind to locally increase the actin
monomer concentration to favor polymerization (Chang et al., 1997; Pruyne et al., 2002).
The FH2 domain caps the barbed end of the filament and is also involved in elongation
(Otomo et al., 2005; Xu et al., 2004). Generally, the FH2 domain is sufficient for nucleation,
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but in specific cases both the FH1 and FH2 domains are required (Ingouff et al., 2005; Ye et
al., 2009; Zheng et al., 2012).
Yeast formins have well characterized regulatory mechanisms and domain
structures. N-terminal to the FH1-FH2 domains they contain a GTPase binding domain
(GBD) that partially overlaps with a conserved, though less defined FH3 domain. C-terminal
to the FH1-FH2 domains is a Diaphanous autoregulatory domain (DAD), which, in an
inactivated state, binds the GBD-FH3 domains (figure 1.3) (Evangelista et al., 2003). Formin
activation occurs when activated Rho binds the GBD domain, thereby relieving the
inhibition by the DAD domain.

Figure 1.3. General domain structure of formins. In the yeast Saccharomyces cerevisiae (Sc), Bni1p is
inactivated by binding of the Diaphanous autoregulatory domain (DAD) to the Diaphanous inhibitory
domain (DID). The DID and dimerization domains (DDs) form the formin homology 3 (FH3) domain, which
is absent in plants. The lower three are schematic representations of the different classes of plant formins.
There are variations in domain structure within each class. Models are not drawn to scale. Abbreviations:
GBD: GTPase-binding domain; SP, signal peptide; PR, proline-rich extracellular domain; TM, transmembrane
domain. Modified from van Gisbergen and Bezanilla, 2013.
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In budding yeast, distinct cellular actin arrays are nucleated by different protein
complexes. Actin patches, which are essential for endocytosis, are generated by the Arp2/3
complex (Kaksonen et al., 2003). Actin cables, which are required for cell polarity (Pruyne
et al., 2004b), vesicle transport from the mother cell to the bud (Jin et al., 2011), nuclear
migration (Yin et al., 2000) and organelle inheritance (Eves et al., 2012) are made by
formins (Chesarone et al., 2010). There are two distinct populations of actin cables; the
actin cables in the bud are generated at the bud apex by Bni1p, while the actin cables in the
mother are generated at the mother bud neck by Bnr1p (Pruyne et al., 2004a).
Actin filaments are very dynamic in plant cells and comprise different subcellular
arrays. For example, tip-growing plant cells have a concentration of actin near the apex of
the cell, long actin bundles along the length of the cell, and a dense cortical array of actin
filaments (Hepler et al., 2001; Vidali et al., 2009a). In diffusely growing plant cells, actin is
found in a dense network at the cell cortex, within the cytoplasm in close association with
transvacuolar strands (Sheahan et al., 2007), in the preprophase band and in the
phragmoplast (Müller et al., 2009). Among the nucleators of actin filaments, plants contain
the Arp2/3 complex and a diverse family of formins. As is the case in yeast, different
formins might be responsible for generating distinct populations of filamentous actin.

Plant formin evolution
Plant formins are divided into three different classes based on sequence similarities
in their FH2 domains (figure 1.3). In contrast to yeast and some mammalian formins, plant
formins do not contain a GBD or FH3 domain and have no known autoregulatory domains
(Cvrckova et al., 2004; Grunt et al., 2008). In the plant lineage, the GBD/FH3 domain has
been replaced by a variety of different domain configurations.
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Class I formins have either originated or been lost multiple times during evolution,
because they are present in red algae and land plants, but not in prasinophytes or green
algae (Figure 1.4) (Grunt et al., 2008). The class I and II formins are widely variable in their
N-terminal domains. Generally, class I formins acquired a transmembrane domain, often
accompanied by an extracellular domain that contains extra poly-proline stretches thought
to interact with proteins or polysaccharides in the cell wall matrix (Figure 1.3).

Figure 1.4. Evolution of plant formins. Early in its evolution, the plant lineage lost the GTPase-binding
domain (GBD)-FH3 family of formins and gained class III formins. On colonization of land, family expansion
took place, giving rise to the multiple formins per class we find today. Class III formins were lost in seed
plants. Class I formins appear to have originated or been lost multiple times during evolution. Modified from
van Gisbergen and Bezanilla, 2013.

After the split of plants from the red algae, class II formins originated and as plants
colonized land, a family expansion took place, generating a diversity in the class I and class
II formins. Class II formins, in some instances, have only an FH2 domain, no N-terminal
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domain before the FH1, a coiled coil region in between the FH1 and FH2 or a phosphatase
and tensin homolog (PTEN)-like domain in their N-terminus (Cvrckova et al., 2004). The
PTEN-like domain is similar to human PTEN, a lipid phosphatase that converts
phosphatidyl inositol 3,4,5 tri-phosphate (PI(3,4,5)P3) to phosphatidyl inositol 4,5biphosphate (PI(4,5)P2) and subsequently can stay bound to PI(4,5)P2 (Li et al., 1997;
Maehama and Dixon, 1998). The transmembrane and the PTEN domains in classes I and II,
respectively, have likely enabled formins to interact with membranes independent of an
interaction with a small GTPase.
For class III formins, the N-terminus contains a Rho-GAP domain (Figure 1.3) that is
hypothesized to still bind to, but not activate GTPases (Grunt et al., 2008). To date, only six
class III formin genes have been identified: two in land plants and four in prasinophytes
(Grunt et al., 2008). Among land plants, class III formins have thus far only been identified
in plants containing flagellate sperm (Figure 1.4).

Plant formin function
It has been challenging to analyze the cellular functions of plant formins due to
dramatic gene family expansion. In particular, most seed plants have relatively large formin
families. For example, the model plant Arabidopsis thaliana has 21 formins that group into
two classes. In contrast, more basal land plant lineages have fewer formin genes. The moss
Physcomitrella patens only has 9 formins that group into three classes. A systematic loss-offunction study revealed functional differences between class I and II formins in vivo (Vidali
et al., 2009b). Specifically, silencing of all class I formins results in plants with reduced
overall size, while silencing all class II formins results in plants with dramatic defects in cell
polarity (Vidali et al., 2009b). Although the moss class III formin was a target in this RNAi
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study (Vidali et al., 2009b), it is not expressed during the developmental stage analyzed, and
so the function of the class III formin in moss remains to be investigated.

Class I formins
While class I formins have a variety of different activities in vitro (figure 1.5)
(Blanchoin and Staiger, 2010; Wang et al., 2012), it is not entirely clear how these
biochemical properties are related to the roles of class I formins in vivo. To date, loss-offunction studies have been performed for 4 class I formins in seed plants (Favery et al.,
2004; Ingouff et al., 2005; Xue et al., 2011; Ye et al., 2009) and for all class I formins in moss
(Vidali et al., 2009b).
Moss has six class I formins that can be divided in three subgroups. For1A, B and C
(subgroup 1) are predicted to have a transmembrane domain and a signal peptide, whereas
For1D and E (subgroup 2) are predicted to only have a transmembrane domain. In contrast
to other class I formins, For1F (subgroup 3) is not predicted to be a transmembrane
protein. Instead its N-terminal sequence is extremely large and is predicted to contain a
domain that has significant sequence similarity to SEC10, a protein associated with the
exocyst complex (Cvrckova et al., 2012; Grunt et al., 2008). All class I formins are expressed
in young moss plants (Vidali et al., 2009b). However there are significant differences in their
expression levels. For1F is the most highly expressed, representing 80% of all class I
transcripts, while For1D and For1A represent 15% and 3%, respectively (Vidali et al.,
2009b).
Silencing of all moss class I formins results in smaller plants of essentially wild-type
morphology (Vidali et al., 2009b). To determine how each class I formin subgroup
contributes to plant size, RNAi constructs were generated that silence each subgroup
separately and in combination. Reduction in plant size correlates with relative expression
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levels of the class I formins. Silencing of For1F (subgroup 3), the most highly expressed
class I formin, has the strongest phenotype, resulting in a 30% reduction in plant size.
Silencing For1D and E (subgroup 2) reduces plant size by 25% and silencing of For1A, B and
C (subgroup 1) results in a 10% reduction (Vidali et al., 2009b). While it is unclear whether
class I formin subgroups have distinct functions, this study demonstrates that together they
contribute to optimal plant size. Time-lapse imaging of plants silenced for all class I formins,
revealed that For1-RNAi cells perform tip growth at similar rates as control RNAi cells
(Vidali et al., 2009b). This suggests that defects in plant size are linked to a delay in
development.
Arabidopsis has ten class I formins that are grouped into six subgroups based on
sequence similarity in their FH2 domains (Cvrckova et al., 2004). These subgroups do not
vary extensively in domain structure. Except for AtFH7, all arabidopsis class I formins are
predicted to have a signal peptide and a transmembrane domain followed by the FH1 and
FH2 domains (figure 1.3) (Cvrckova et al., 2004). AtFH7 is a member of the Ie subgroup, but
is not predicted to have a signal peptide or a transmembrane domain.
Apparently, the first plant formin mutant studied was a T-DNA insertion in the
AtFH5 gene (Ingouff et al., 2005). While there was no observable phenotype in vegetative
tissues, the authors reported defects in morphogenesis and cell division in the embryo
posterior pole (Ingouff et al., 2005), suggesting that AtFH5 is likely involved in cell division.
Consistent with this, overexpressed AtFH5-GFP localizes to the growing cell plate (Ingouff
et al., 2005). After completion of cell plate formation, AtFH5-GFP dissociates from the cell
plate (Ingouff et al., 2005). This initial study did not report phenotypes in pollen or pollen
tube growth. However a subsequent study in tobacco demonstrated that RNAi of NtFH5
affects pollen tube growth; pollen tubes are wavy and short, suggestive of a defect in the
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maintenance of polarized growth (Cheung et al., 2010). Also, the amount of filamentous
actin is diminished in these cells (Cheung et al., 2010).
Silencing of the pollen-specific AtFH3 gene also impairs pollen tube growth; pollen
tubes lacking AtFH3 are swollen and shorter than control tubes (Ye et al., 2009).
Occasionally the pollen tubes swell at the tip, suggestive of defects in directing traffic to and
from the tip (Ye et al., 2009). Consistent with this, AtFH3-RNAi pollen tubes lack
cytoplasmic streaming or have disorganized patterns of streaming (Ye et al., 2009), instead
of the characteristic reverse fountain streaming pattern in control tubes. These cells also
have decreased amounts of F-actin, indicating that AtFH3 is involved in generating F-actin
arrays in pollen tubes (Ye et al., 2009).
Additional evidence that class I formins are involved in cell division and establishing
actin arrays comes from analysis of a T-DNA knockout in the AtFH8 gene. AtFH8 is a
member of the class Ie subgroup. This subgroup has a group Ie domain that in the case of
AtFH4 has been shown to bind microtubules (Deeks et al., 2005). The knockout of AtFH8
does not show any visible phenotypes under normal conditions (Xue et al., 2011). However
if plants are treated with latrunculin B, a drug that depolymerizes the actin cytoskeleton,
atfh8 plants have shorter primary roots and fewer lateral roots (Xue et al., 2011). These
defects are consistent with the AtFH8 expression pattern, which is found at the root
meristem and at sites of emergence of lateral roots (Xue et al., 2011). The decrease in root
length does not result from a defect in cell expansion, but rather results from production of
fewer cells in the root meristem (Xue et al., 2011). A functional copy of AtFH8-GFP localizes
to the nuclear envelope and to new cell plates (Xue et al., 2011). Localization to the new cell
plate, together with the observation that fewer cells are produced in the root tip in the
presence of latrunculin B, suggests that AtFH8 functions in cell division. Further, latrunculin
B treated atfh8 plants have less bundled actin and their arrays are more sensitive to
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latrunculin B as compared to control plants (Xue et al., 2011). These results are consistent
with the studies in pollen tubes demonstrating that class I formins participate in generating
actin arrays.
Three arabidopsis class I formins (AtFH1, AtFH6 and AtFH10) were found to be
upregulated in the root galls that form at the sites of nematode infection (Favery et al.,
2004). In root knot nematode infection the formation of giant cells is accompanied by a
dramatic reorganization of the cytoskeleton (De Almeida Engler et al., 2004). Using
immunolocalization, AtFH6 was found on the plasma membrane of wild type differentiating
cells within the vascular cylinder (Favery et al., 2004). In infected cells, AtFH6 was found to
localize to the cell cortex in giant cells and neighboring cells during gall formation (Favery
et al., 2004). This localization is consistent with plasma membrane targeting observed in
protoplasts (Favery et al., 2004). Giant cells have a dense cytoplasm and actin is only found
near the cell membrane, suggesting that upregulation of the plasma membrane bound class
I formins leads to an increase in actin near the cell cortex. The authors speculate that
increased cortical actin results in excessive isotropic growth of root gall cells. A line
containing a T-DNA insertion resulting in truncation of AtFH6 still forms giant cells upon
nematode infection (Favery et al., 2004). This might be due to the presence of AtFH1 and
AtFH10 functioning redundantly with AtFH6. Analysis of a triple mutant would help to
address the role of these class I formins during the cytoskeletal changes that occur in these
giant cells.
To address whether AtFH6 has actin nucleation and elongation activity, Favery et al.
(2004) expressed AtFH6 in yeast lacking the two yeast formins, Bni1p and Bnr1p. AtFH6
was able to rescue the temperature sensitive defect of the bni1∆bnr1∆ double mutant
(Favery et al., 2004).Rescued cells had a range of phenotypes with respect to actin
organization. Some resembled wild type, while others still had a large number of actin
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patches in the mother cell (Favery et al., 2004), suggesting that the rescued cells have slight
defects in cell polarity. Even though the rescue appears partial, it is surprising that a
membrane-bound formin from plants lacking all the regulatory domains found on the yeast
formins replaces the function of both yeast formins. Since overexpression of the FH1-FH2
domain of either Bni1p or Bnr1p alone also partially rescues the bni1∆bnr1∆ double mutant
(Gao and Bretscher, 2009), it suggests that the actin polymerization activity of the FH1-FH2
domains of AtFH6 are likely unregulated in yeast, behaving similar to an isolated FH1-FH2
domain. These results support the idea that AtFH6 generates actin filament arrays in yeast
cells.
In comparison to yeast and mammalian formins, little is known about how plant
formins are regulated. To date the only study identifying potential regulatory proteins was
the study that cloned the first plant formin, AtFH1 (Banno and Chua, 2000). AtFH1 contains
a signal peptide, a transmembrane region and has an extracellular proline-rich region
(Banno and Chua, 2000; Cvrckova et al., 2004; Grunt et al., 2008). AtFH1 overexpression
induces more and longer actin cables and alters pollen tube growth (Cheung and Wu, 2004).
The C-terminus of arabidopsis AtFH1 was used in a two hybrid screen to identify interacting
proteins (Banno and Chua, 2000). One of the interacting proteins contains a PH-like GRAM
domain reminiscent of myotubularin proteins in mammals, which interact with
phosphoinositides (Robinson and Dixon, 2006). This suggests that class I formins reside in
certain plasma membrane micro-domains. Indeed it was found that AtFH1 is localized to the
plasma membrane and interacts with cell wall material directly with its poly-proline
containing extracellular domain (Martinière et al., 2011). This likely serves to anchor the
protein at the cortex while it is nucleating actin filaments. However, to decipher whether
membrane domains and additional proteins are involved in regulating formin activity will
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require investigating the activity of full-length formins in the presence and absence of
interacting membranes or proteins.

Class II Formins
In P. patens class II formins have been characterized to some degree both in vitro
and in vivo. Moss has 2 class II formins, For2A and For2B. Both have an N-terminal PTEN
domain and are 90% similar to each other (Vidali et al., 2009b). Silencing of both class II
formins results in plants that are severely stunted and composed of small spherical cells,
demonstrating that class II formins are essential for polarized growth. Furthermore, For2A
and For2B are functionally redundant, since expression of a single formin is sufficient for
polarized growth (Vidali et al., 2009b). Complementation analysis with truncation and
deletion mutants demonstrated that both the N-terminal PTEN as well as the FH1-FH2
domains are required for For2 function (Vidali et al., 2009b). The FH1-FH2 domains of
For2A rapidly elongate actin filaments in vitro. In comparison, the For1D FH1-FH2 domains
also promote actin elongation, but the rates of actin elongation are six times lower (Vidali et
al., 2009b). Since the For2A FH1 domain contains 18 stretches of poly-L-prolines, as
compared to only two in the For1D FH1 domain, it was expected that the For2A FH1 domain
might be responsible for the rapid rates of actin elongation observed with the For2A FH1FH2 domains. However, when the For2A FH1 domain is attached to the For1D FH2 domain,
the chimeric FH1-FH2 domain does not enhance the rate of actin elongation. Instead, it only
nucleates actin filaments (Vidali et al., 2009b), suggesting that the For2A FH1 and FH2
domains work synergistically to rapidly elongate actin filaments. Notably, chimeric proteins
composed of the PTEN domain fused to different combinations of FH1-FH2 domains from
either For1D or For2A did not rescue the Formin2-RNAi phenotype (Vidali et al., 2009b).
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Only For2A supported polarized growth (Vidali et al., 2009b), suggesting that rapid rates of
actin elongation are essential for function in vivo.
Arabidopsis has at least ten class II formins, which differ substantially in their
domain organization (Cvrckova et al., 2004). AtFH12, AtFH15b and AtFH17 are predicted to
have only an FH2 domain. AtFH15a and AtFH19 contain only FH1 and FH2 domains.
AtFH16 has a repetitive domain between the FH1 and FH2 domains, and AtFH21 appears to
have a coiled-coil region between the FH1 and FH2 domains (Cvrckova et al., 2004). Four of
the class II formins (AtFH13, AtFH14, AtFH18 and AtFH20) acquired an N-terminal PTENlike domain. Interestingly in rice, there are five class II formins, all of which contain an Nterminal PTEN domain (Cvrckova et al., 2004).
Of the arabidopsis class II formins, two, AtFH14 and AtFH19, have been
characterized in vitro. These two formins have a range of biochemical activities, and AtFH14
was shown to interact with microtubules (figure 1.5). Interestingly, AtFH14 interacts more
strongly with microtubules than with actin (Li et al., 2010). Notably it was recently found
that, after disassembly, actin is specifically recovered along cortical microtubules and that
the recovery of the actin array is dependent on an intact microtubule array (Sampathkumar
et al., 2011). This supports the idea of microtubule-bound formins that build actin networks
at the cortex. When overexpressed in cells as a fusion protein to GFP, AtFH14 labels the
mitotic microtubule arrays, not the cortical microtubule array and not actin (Li et al., 2010).
Recently AtFH19, a class II formin with no domains N-terminal of the FH1-FH2 domains,
was found to nucleate actin filaments using profilin-actin complexes and cap the barbed end
of actin filaments (Zheng et al., 2012). For both of these activities, the FH1 and FH2 domains
are required. Compared to other studied formins, the capping and nucleating efficiencies of
AtFH19 are low (Zheng et al., 2012).
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In rice, two labs independently described γ-ray-induced mutants in OsFH5: Bent
Uppermost Internode-1 (BUI1) (Yang et al., 2011) and Rice Morphology Determinant-1
(RMD1) (Zhang et al., 2011). OsFH5 contains an N-terminal PTEN domain and is most
closely related to OsFH12, and its closest homolog in arabidopsis is AtFH14 (Cvrckova et al.,
2004). The OsFH5 mutants have various morphological defects, such as dwarfed or stunted
adult plants, shorter flower filaments, and malformed roots and seeds (Yang et al., 2011;
Zhang et al., 2011). On a cellular level, mutants have shorter cells and defects in their
microtubule cytoskeleton organization, as well as a reduction in the amount of filamentous
actin and actin bundles (Yang et al., 2011; Zhang et al., 2011). OsFH5 localizes to the
cytoplasm and acts as a barbed end capper in vitro (Yang et al., 2011; Zhang et al., 2011).
The FH1-FH2 domains are capable of nucleating actin filaments and can interact with
profilin-actin complexes for elongation (Zhang et al., 2011). Also, OsFH5 binds and bundles
microtubules, suggesting a similar mode of action as AtFH14 (Yang et al., 2011; Zhang et al.,
2011).
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Figure 1.5. Plant formins display a wide range of interactions. (a), Cell wall anchoring is shown for the nonprocessive formin AtFH1. (b), Microtubule binding is shown for a number of class I and class II formins from
different species. Due to sequence similarity to AtFH4, AtFH8 is suggested to bind microtubules. AtFH14 is
cytosolic and might not bind cortical microtubules. (c), Specific phosphoinositide binding is essential for moss
For2A function. (d), Most investigated formins are able to nucleate and elongate actin filaments and interact with
profilin. (e), Many formins have been found to cap the barbed end of the actin filament, preventing or slowing
polymerization. (f), Two class I formins have so far been identified that bind to the side of actin filaments and
thereby bundle them. (g), AtFH8 binds to the side and severs actin filaments. Asterisks indicate that the
interaction was studied both in vitro and in vivo. Abbreviation: PI(3,5)P2, phosphatidylinositol 3,5-biphosphate.

Membrane dynamics and the actin cytoskeleton
Membrane dynamics, particularly exocytosis and endocytosis, is fundamental for
cell growth. Exocytosis delivers new membrane and external material while endocytosis
recycles excess membrane and catabolized secretory products. Endocytosis in budding
yeast requires specialized actin structures (actin patches) that are generated by the Arp2/3
complex (Kukulski et al., 2012). Polarized exocytosis requires the formation of actin
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filaments to target the vesicles to the delivery site. Delivery of exocytic vesicles to the
plasma membrane does not happen spontaneously. Due to the charged nature of both the
vesicle and the plasma membrane the two repel each other rather than fuse. To overcome
this barrier soluble (N-ethylmaleimide-sensitive factor) attachment protein receptor
(SNARE) proteins on both the vesicle (v-SNARE) as well as the target membrane (t-SNARE)
interact to force the membranes to fuse. Despite SNAREs being sufficient to establish
membrane fusion in vitro, this process is too slow to be efficient in vivo. In order to prevent
vesicles from diffusing away before SNARE-mediated fusion can take place, vesicles are
tethered to the membrane by a tethering complex. A wide variety of tethering complexes
exists, each specific to a target membrane. For exocytosis this complex is named the exocyst
complex (figure 1.6) (He and Guo, 2009; Heider and Munson, 2012; Liu and Guo, 2012).
The exocyst complex, which is essential for plant growth and development, tethers
secretory vesicles that bud off from the trans-Golgi network to the plasma membrane (He
and Guo, 2009; Liu and Guo, 2012). The exocyst complex is an octameric complex conserved
throughout eukaryotes consisting of the subunits Sec3, Sec5, Sec6, Sec8, Sec10, Sec15,
EXO70 and EXO84 (Croteau et al., 2009; Guo et al., 1999; Hala et al., 2008; Heider and
Munson, 2012; TerBush et al., 1996). In yeast and animals, the exocyst complex is intimately
linked with the cytoskeleton. In mammalian cells EXO70 directly interacts with the ARPC1
subunit of the Arp2/3 complex, a complex that nucleates branched actin arrays, and
enhances its activity. In the budding yeast S. cerevisiae, EXO70 interacts with Bem1p, which
in turn interacts with Cdc42, an activator of formin (Liu and Novick, 2014). Fission yeast
Sec3 weakly interacts with the actin cable making formin For3 (Jourdain et al., 2012). As
mentioned above, an early version of the Physcomitrella patens genome predicted a Class I
formin (Formin 1F) to have an N-terminal Sec10 domain. Sec10 in mammalian cells has
been found to interact with the GTPase ARF6, and been implicated in membrane recycling

19

in recycling endosomes (Prigent et al., 2003). In plants, Sec10 is thought to be a core part of
the exocyst complex, but specific functions have not yet been defined (Chong et al., 2010;
Hala et al., 2008). While animals and fungi tend to have one copy of each subunit, plants
have evolved multi-isomer protein families for each subunit (figure 1.6). The EXO70 subunit
in particular has greatly expanded in certain lineages. For example, EXO70 in rice has 47
isoforms (Cvrckova et al., 2012). It has been hypothesized that plants likely have multiple
exocyst complexes, potentially executing distinct patterning functions. Thus it is not
surprising that the exocyst complex has been implicated in a variety of processes, including
autophagy (Kulich et al., 2013), cell polarity (Cole et al., 2005; Synek et al., 2006; Wen et al.,
2005), cell plate formation (Fendrych et al., 2010; Wu et al., 2013) and pathogen resistance
(Stegmann et al., 2013).

20

Figure 1.6. The exocyst complex. Indicated are the different exocyst complex components. The numbers
next to the ovals represent the number of putative isoforms of each subunit in P. patens. Organization of the
complex is based off of the organization of the complex in yeast, but is otherwise speculative for plants.

In plants, little is known about the involvement of the cytoskeleton in endocytosis
and exocytosis. In this thesis, I analyze this by examining formin function in the moss P.
patens. Formins are excellent candidates for connecting the cytoskeleton to membrane
trafficking. Five of the six class I formins have a transmembrane domain, and are therefore
membrane bound, localizing them to areas of membrane traffic. One P. patens class I formin
(For1F) is of particular interest as it contains a N-terminal Sec10-like domain, putatively
linking it directly to the exocyst complex and thus exocytosis. Class II formins contain a Nterminal PTEN-like domain that is hypothesized to bind phosphoinositides, perhaps
conferring specificity to lipid binding, allowing it to bind to certain lipid domains potentially
implicated in membrane turnover.

21

CHAPTER 2
CLASS II FORMIN TARGETING TO THE CELL CORTEX BY BINDING
PI(3,5)P2 IS ESSENTIAL FOR POLARIZED GROWTH

This a slightly modified version of this chapter has been published under this title as:
van Gisbergen PAC, Li M, Wu SZ and Bezanilla M. (2012) Class II formin targeting to the
cell cortex by binding PI(3,5)P2 is essential for polarized growth. The Journal of Cell Biology,
198:235-250).
Introduction
Formins are critical for numerous key actin-based processes ranging from cell
polarity and cytokinesis to cell adhesion and migration (Goode and Eck, 2007). In general
formins nucleate and elongate actin filaments to specify where actin arrays are built. Long
actin arrays, such as actin cables in budding and fission yeasts, are generated by formins
(Evangelista et al., 2002; Feierbach and Chang, 2001; Nakano et al., 2002; Sagot et al., 2002).
In plants, as in other eukaryotes, recent studies have linked formins to a variety of actinbased processes (Banno and Chua, 2000; Cheung et al., 2010; Cheung and Wu, 2004; Deeks
et al., 2005; Deeks et al., 2010; Favery et al., 2004; Ingouff et al., 2005; Michelot et al., 2005;
Vidali et al., 2009b; Yang et al., 2011; Ye et al., 2009; Yi et al., 2005; Zhang et al., 2011).
In flowering plants, analysis of formin function has been challenging because of the
large size of the gene families. Recently, this challenge was addressed by characterizing
formin function in the moss Physcomitrella patens (Vidali et al., 2009b). Like flowering
plants, this species has both class I and class II formin families, but with only six genes in the
former and two genes in the latter.
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To dissect the function of formin in moss, RNA interference (RNAi) was used taking
advantage of silencing constructs that allow targeting of an entire gene family as well as
concurrent complementation. This approach revealed that class I formins, rather than
contributing to polarized growth, are needed for efficient cytokinesis, and that class II
formins are essential for tip growth (Vidali et al., 2009b). Further the FH1-FH2 domains of
class II formins were shown, in vitro, to promote rapid rates of actin elongation, an activity
that was argued to underlie their role in tip growth. Class II formins localize near the tip of
growing cells and the N-terminal PTEN domain is necessary and sufficient for this
localization (Vidali et al., 2009b).
In humans, PTEN is a lipid phosphatase, which converts PI(3,4,5)P3 to PI(4,5)P2.
PTEN acts as a tumor suppressor by limiting PI(3,4,5)P3 levels, which negatively regulates
oncogenic phosphoinositol-3-kinase and AKT signaling pathways, thereby preventing cells
from growing and dividing too rapidly (Li et al., 1997; Maehama and Dixon, 1998; Salmena
et al., 2008; Steck et al., 1997). In moss the loss of class II formin function is not
complemented by expression of the FH1-FH2 domains alone (Vidali et al., 2009b),
suggesting that the formin PTEN domain is required for formin activity in tip growth. This
suggestion is consistent with an emerging picture in the formin field that N-terminal formin
domains contain key regions, including the small GTPase-binding domains required to
regulate actin polymerization (Goode and Eck, 2007). In this chapter, I, in collaboration with
members of the Bezanilla lab, use a combination of genetics, biochemistry, and live-cell
imaging to investigate the mechanism of the PTEN domain localization and function with
respect to formin-mediated actin polymerization during polarized growth.
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Results
Class II formins are recruited to sites of membrane remodeling.
In tip growing cells, the plasma membrane is actively remodeled at the apex of the
cell, where growth is occurring. A combination of active exocytosis of new cell wall material
and endocytosis of excess membrane occurs near the cell apex. An additional site of
membrane remodeling occurs during cell division as the phragmoplast, the cytokinetic
organelle of plants, separates the daughter cells with a new wall. Previously, members of
the Bezanilla lab localized one of the two functionally redundant class II formins, For2A, to
the tip of the cell using a functional GFP-fusion protein, For2A-3XmEGFP (Vidali et al.,
2009b) (referred to hereafter as For2A-GFP). This study reports that, in addition to the cell
tip (figure 2.1, (Vidali et al., 2009b)), For2A-GFP localizes to the phragmoplast (figure 2.1a
and b). Furthermore, this localization is reproduced by the For2A PTEN domain alone fused
to mEGFP (referred to hereafter as GFP) (figure 2.1a). Phragmoplast localization is
emphasized by labeling cell membranes with FM4-64. In a medial plane of a cell late in
division, FM4-64 labels the cell apex and the entire cell plate membrane. For2A is also at the
cell apex, but at the site of cell division it co-localizes with FM4-64 only at the leading edge,
coincident with the location of active membrane remodeling within the phragmoplast
(Figure 2.1b).
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Figure 2.1. For2A localizes to sites of dynamic membrane trafficking. (A) For2A-GFP localizes to the tip of
the cell and to the phragmoplast. The PTEN domain of For2A alone, fused to GFP also localizes to the tip and
the phragmoplast. (B) FM4-64 labeled membranes and For2A co-localize in the phragmoplast, but not the
cell plate. Shown is the medial plane of a cell with an almost completed cell division. (C) For2A co-localizes
with FM4-64 labeled membranes near the tip. Scale bars are 5µm.

To investigate the co-localization of For2A-GFP and FM4-64 at the cell apex, the
dynamics of FM4-64 internalization in cells expressing For2A-GFP were observed using
pulse-chase labeling of cells with FM4-64. Interestingly, early internalization of FM4-64,
which is likely specific for endocytosis (Van Gisbergen et al., 2008), does not co-localize
with For2A-GFP (figure 2.2). However, after 30 minutes, For2A-GFP dynamics and
localization coincide with the FM4-64 signal (figure 2.1c), suggesting that the For2A
labeling may represent a combination of late endocytic and post-Golgi exocytic membranes.
These data together with the phragmoplast localization suggest that For2A-GFP is enriched
at sites of active membrane remodeling.
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Figure 2.2. For2A and FM4-64 uptake kinetics. (A) For2A-GFP line was pulse-labeled with 20 µM FM4-64 for
5 min. FM4-64 was gradually internalized. It took 30 min for FM4-64 to fully co-localize with For2A-GFP at
apex. At 3hr, most FM4-64 signal disappeared from the cell tip. (B) At 3hr, a significant amount of FM4-64
signal reached the vacuole. (C) At 6hr, the majority of FM4-64 signal existed solely on vacuole. Scale bars are
5 µM.
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Actin polymerization is not directly correlated with all populations of cytoplasmic
For2A
To determine the spatial and temporal relationship between For2A and actin, the
colocalization of actin and formin in tip growing cells was studied. A line expressing For2AGFP and Lifeact-mCherry, a validated marker for imaging actin in living protonemal cells
was generated (Vidali et al., 2009a). Interestingly, the prominent apical accumulation of
For2A-GFP and the Lifeact signal associated only occasionally (figure 2.3a). The image
series in figure 2.3a represents 45 minutes during which time the cell is actively growing.
Both For2A-GFP and Lifeact-mCherry signals are dynamic with changes in position and
intensity near the apex of the cell. However, there is a low temporal and spatial correlation
between apical accumulation of For2A-GFP and Lifeact-mCherry intensity in this and
similar image sequences.
Occasionally though, accumulation of tip-localized For2A-GFP was closely
associated with an increase in the Lifeact-mCherry intensity (figure 2.3a, 25-35 min). On
average this was observed 2 times in a 50 minute time-lapse acquisition (9 cells). In
addition to these infrequent events at the tip, For2A-GFP transiently accumulated in other
regions of the cell during growth. Time-lapse imaging with higher temporal resolution
revealed that these sub-apical enrichments were always associated with a burst of LifeactmCherry signal indicative of actin polymerization (Figure 2.3b, n=31 accumulations in 9
cells). The formin sub-apical enrichments were stochastic, from none to as many as 18
occurring in a 60 minute time-lapse acquisition. Interestingly, the position of the filaments
with respect to For2A-GFP suggested that actin filaments emerged from the formin
structure consistent with formin-mediated actin polymerization (Figure 2.3b). These data
demonstrate that not all cytoplasmic accumulations of For2A actively generate actin
filaments.
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Figure 2.3. Dynamics of For2A and actin in a growing tip cell. (A) For2A-GFP is present in the apex and
Lifeact-mCherry is present subapically mostly along the cell cortex. The majority of the time, For2A-GFP and
Lifeact-mCherry do not overlap. Occasionally a short overlap followed by quick actin polymerization can be
seen (25-35 min). (B) Away from the tip, bursts of For2A-GFP are observed, followed by actin
polymerization near the For2A-GFP enrichment. Here, the For2A-GFP cloud travels through the cell with
actin filaments behind it. Scale bars are 5 µm.
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PTEN homologues fused to the FH1-FH2 domains differentially restore forminmediated polarized growth.
Previous studies demonstrated that neither the FH1-FH2 domains nor the For2A
PTEN domain, when expressed alone, complement loss of formin (Vidali et al., 2009b). To
further investigate the role of the For2A PTEN domain, I tested whether the PTEN domain
could be functionally replaced by PTEN homologues by performing a complementation
analysis of the formin RNAi phenotype. As reported previously (Vidali et al., 2009b), RNAimediated silencing of both class II formins results in severely stunted plants, composed of
small round cells (figure 2.4). Silencing is carried out using an RNAi construct that contains
sequences from the untranslated regions of both For2A and 2B (For2AB-5’UTR). Cotransforming with a construct that expresses the coding sequence of a single formin gene,
For2A, ameliorates the growth defect (figure 2.4), also see (Vidali et al., 2009b). These
plants are polarized and look like wild type; however, quantification of area and polarity
(via the morphometric parameter, circularity) shows that the plants are modestly smaller
and less polarized (Figure 2.4b). Circularity is the ratio of plant area to the square of the
perimeter. Wild-type plants have low circularity, resulting from the large perimeter of a
highly branched structure. In contrast, the circularity of For2 RNAi plants approaches one
because the shape of these plants is far more circular. The incomplete complementation by
For2A is probably due to the method used to generate the For2A construct (as well as all
others used here), which introduces eight-amino-acid insertions between domains,
insertions that slightly compromise the protein’s activity, see discussion in (Vidali et al.,
2009b).
To investigate if PTEN homologues could function in place of the For2A PTEN
domain, we generated chimeric proteins where the For2A PTEN domain was replaced with
human PTEN or moss PTEN. Moss has four PTEN homologues, which form two groups
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based on sequence similarity, with PTENA and B forming one group and PTENC and D the
other. For complementation studies we chose one from each group. Human PTEN fused to
the For2A FH1-FH2 domains (HsPTEN-FH1FH2-3XFLAG) and co-transformed with the
formin RNAi construct, was unable to rescue either plant area or circularity (figure 2.4),
suggesting that some aspect of human PTEN renders this chimera inactive.

Figure 2.4. In place of the For2A PTEN domain, PTEN homologues fused to the FH1-FH2 domains of For2A
differentially complement formin-mediated polarized growth. (A) Representative chlorophyll
autofluorescence images of control RNAi (GUS-RNAi), For2 RNAi (For2AB-5’UTR) and For2 RNAi plants
cotransformed with indicated constructs. Scale bar is 100 μm. (B) Quantification of area and circularity by
chlorophyll autofluorescence shows that replacing the For2A PTEN domain with moss PTEN homologues
provides full complementation with PTENA, but not with PTEND. Replacement using HsPTEN does not
complement the For2 RNAi phenotype. Tagging the formin with an epitope tag (3XFLAG) tag does not affect
its ability to complement the phenotype. Number of plants analyzed is: 101, GUS-RNAi; 101, For2AB-5’UTR;
50, +For2A; 51, +For2A-3XFLAG; 76, +PTENA-FH1FH2; 50, +PTEND-FH1FH2-3XFLAG; 50, +HsPTENFH1FH2-3XFLAG. Error bars represent SEM and letters above the bars indicate statistical groups with α =
0.05 from an ANOVA analysis. (C) Alignment of the phosphoinositide binding regions of human PTEN
(HsPTEN) with the For2A and For2B PTEN domains and four P. patens PTEN homologues (PpPTENA-D). The
arrow indicates an arginine residue critical for catalytic activity. Note this arginine is absent in the formin
PTEN domains.

Interestingly the two moss PTEN homologues investigated showed different degrees
of complementation. PTENA-FH1FH2 rescues, giving rise to plants whose area and
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circularity are essentially the same as those given by complementation with For2A itself
(figure 2.4). In contrast, PTEND-FH1FH2-3XFLAG does not rescue. Some plants polarize to a
limited extent, as seen in the image (figure 2.4a). But in comparison to formin RNAi, slight
improvements in plant area and morphology (figure 2.4b) are not statistically significant.
Differential rescue might arise from low levels of expression from the
complementing plasmid, which was controlled for in two ways. First, all the expression
plasmids were generated similarly, with the same backbone vector and containing the same
strong constitutive promoter. Additionally non-complementing constructs were generated
with an epitope tag (3XFLAG) and expression of the protein in moss cells was confirmed
(figure 2.5a). As a control, For2A was tested with and without the epitope tag and was found
to rescue similarly (figure 2.4a and b). Second, I performed the complementation assay with
a range of different plasmid concentrations. Complementation of the formin RNAi
phenotype by For2A is optimal using between 5 and 15 µg of the For2A expression plasmid.
Below this concentration, I observe a dose-dependent decrease in complementation (figure
2.6). At higher concentrations of For2A, rescue is also diminished (figure 2.6) and it is
difficult to recover sufficient numbers of transformants. This is likely a result of toxicity
from overexpression of For2A. Similar to For2A, PTENA-FH1FH2 exhibits dose-dependent
complementation under the same concentration range (figure 2.6). In contrast, PTENDFH1FH2 rescues weakly and HsPTEN-FH1FH2 does not restore function at any
concentrations tested (figure 2.6). Since the non-complementing constructs were unable to
rescue at the high plasmid concentrations, it should account for lower expression of these
fusion proteins (figure 2.5a). Furthermore, I was unable to recover transformants with high
concentrations of HsPTEN-FH1FH2 suggesting that this construct is also toxic at high levels.
Taken together, these data indicate that PTENA can functionally replace the For2A PTEN
domain, while HsPTEN and PTEND cannot.
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Figure 2.5. Expression of the complementation proteins. (A) PTEND-FH1FH2-3XFLAG and HsPTENFH1FH2-3XFLAG do not complement the For2-RNAi phenotype, but are expressed. (B) 2XFYVE-FH1FH23XFLAG, HsTAPP1-FH1FH2-3XFLAG and HsPH-FH1FH2-3XFLAG do not complement the For2-RNAi
phenotype, but are expressed. Numbers are molecular weight standards in kDa.

If PTENA were more similar to the For2A PTEN domain than is human PTEN, then
that might explain the difference in complementation. However, sequence comparison of
human and moss PTENs with the PTEN domains from For2A and For2B does not support
this. PTENA is 27% similar to human PTEN, while only 21.6% and 20.4% similar to For2A
and For2B PTEN domains, respectively. Inspection of the amino acid sequence alignment
near the phosphoinositide binding pocket reveals that the phoshoinositide binding region in
human PTEN (Lee et al., 1999) is highly similar to the class II formin PTEN domains and the
moss PTEN homologues (Grunt et al., 2008) (figure 2.4c). Interestingly, neither of the For2A
nor the For2B PTEN domains have a critical arginine required for catalytic activity (figure
2.4c, arrow) (Barford et al., 1994; Lee et al., 1999). Therefore, as has been suggested (Grunt
et al., 2008), the formin PTEN domains probably bind phosphoinositides but do not
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dephosphorylate them. Thus, perhaps the observed differential rescue results from
different phosphoinositide binding activities of the tested PTEN homologues.

Figure 2.6. Dose dependent complementation of the formin RNAi phenotype using constructs that replace
the For2A PTEN domain with PTEN homologues. Complementation using increasing amounts of the For2A
(blue) expression plasmid, indicated below each bar in µg, shows a range of phenotypes. At low DNA
concentrations, complementation is reduced both in area (top) and circularity (bottom). Between 5 and 15
µg of DNA optimum complementation is achieved. At higher concentrations, fewer plants are obtained from
each transformation, indicative of toxicity possibly due to overexpression. Similar titrations with HsPTENFH1FH2 (green) and PpPTEND-FH1FH2 (yellow) show no response to increasing concentrations, indicating
that these constructs are incapable of rescuing the phenotype. Conversely, PpPTENA-FH1FH2 (purple)
shows a similar trend as complementation with For2A. Plasmid concentrations in µg are indicated below
each bar. Numbers above the bars indicate the number of plants measured for each condition. Error bars
represent standard error.
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Table 2.1. Sequence comparison between formin PTEN domains and PTEN homologues.
For2A
24.5 / 15.4
HsPTEN
For2A
For2B
PTENA
PTENB
PTENC
Red = % Similarity
Green = % Identity

For2B

PTENA

PTENB

PTENC

PTEND

26.1 / 16.0
93.0 / 89.5

27.0 / 18.9
21.6 / 11.5
20.4 / 11.4

26.3 / 17.6
21.6 / 12.5
20.7 / 12.1
86.0/ 81.4

20.0 / 13.4
17.7 / 10.3
16.2 / 9.3
41.8 / 31.8
43.3 / 32.5

16.0/ 10.8
14.8 / 8.8
14.9 / 9.4
39.7 / 29.4
41.0 / 30.4
51.5 / 43.6

For2A PTEN domain and moss PTENA homologue bind PI(3,5)P2.
Human PTEN not only converts PI(3,4,5)P3 to PI(4,5)P2 (Maehama and Dixon,
1998), it also binds PI(4,5)P2 (Redfern et al., 2008). The fact that moss PTENA, but not
human PTEN, could functionally replace the For2A PTEN domain, lead to the hypothesis
that the For2A PTEN domain and moss PTENA might interact with a different
phosphoinositide as compared to human PTEN. To test this, lipid overlay assays were used
(Dowler et al., 2002) to determine the phosphoinositide binding preferences of the For2A
PTEN domain, PTENA and PTEND. The For2A PTEN domain fused to glutathione S
transferase (GST) (PTEN-GST) binds phosphoinositides broadly, with the highest specificity
to PI(3,5)P2 (figure 2.7a). GST-PTENA and GST-PTEND appeared more selective, with the
former preferring PI(3,5)P2 and the latter both PI(3)P and PI(3,5)P2, although both moss
PTEN homologues bound the other phosphoinositides to some extent (figure 2.7a).
Since lipid overlay assays do not always reliably report a protein's native
phosphoinositide binding specificity, I used an additional approach to test phosphoinositide
selectivity. I used beads covalently linked to PI(3,5)P2 to perform a pull-down experiment. I
found that both the For2A PTEN domain and PTENA binding to PI(3,5)P2 beads is enhanced
as compared to control beads (figure 2.7b). In contrast, PTEND binds similarly to both
control and PI(3,5)P2, suggesting that PTEND does not effectively bind PI(3,5)P2 in solution.
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Figure 2.7. For2A PTEN domain and PTENA specifically bind PI(3,5)P2. (A) Representative lipid-overlay
assay shows that the For2A PTEN-GST binds broadly to phosphoinositides, with highest specificity to
PI(3,5)P2. PTENA binds PI(3,5)P2 strongly. PTEND also binds PI(3,5)P2, but weaker than PTENA. Additionally
PTEND also binds PI(3)P. GST alone does not interact with phosphoinositides. The numbers indicate amount
in picomole of spotted phosphoinositide. At least three independent experiments were carried out for each
overlay assay. (B) Immunoblot of For2A PTEN-GST, GST-PTENA, and GST-PTEND using an anti-GST antibody
shows that For2A PTEN-GST and GST-PTENA preferentially bind to beads covalently linked PI(3,5)P2 as
compared to control beads. In contrast, GST-PTEND binds similarly to control and PI(3,5)P2 beads. Numbers
are molecular weight standards in kDa. (C) Immunoblot of For2A PTEN-GST and GST-PTENA using an antiGST antibody demonstrates that binding to PI(3,5)P2 beads is specifically displaced in the presence of
exogenous PI(3,5)P2, but not other phosphoinositides. Numbers are molecular weight standards in kDa.

To test for PI(3,5)P2 specificity, I incubated the For2A PTEN-GST or GST-PTENA
with PI(3,5)P2 beads in the presence of micellar dispersions of other phosphoinositides. I
found that binding to the beads is completely eliminated for For2A PTEN-GST or greatly
reduced for GST-PTENA in the presence of PI(3,5)P2, but not other phosphoinositides
(figure 2.7c). Together with the lipid overlay assays, these data strongly suggest that the

35

For2A PTEN domain and moss PTENA interact specifically with PI(3,5)P2. Since the For2A
PTEN domain and PTENA rescue formin-mediated polarized growth and specifically
interact with PI(3,5)P2, while PTEND does not rescue and poorly interacts with PI(3,5)P2,
these data argue that PI(3,5)P2 is the critical phosphoinositide.

PI(3,5)P2 binding is sufficient for formin-mediated polarized growth.
To confirm that PI(3,5)P2 is critical for formin function in vivo, the PTEN domain in
For2A was replaced with a variety of other polypeptides of known phosphoinositide
binding specificity. When fused to the For2A FH1FH2 domains, several phosphoinositide
binding polypeptides failed to complement the loss of function phenotype, including
domains that bind PI(3)P (2XFYVE) (Vermeer et al., 2006), PI(3,4)P2 (TAPP1) (Dowler et al.,
2000; Marshall et al., 2002; Thomas et al., 2001), and PI(4,5)P2 (PH) (Van Leeuwen et al.,
2007) (figure 2.8). These constructs were epitope tagged and expression in moss cells was
verified by isolating proteins from cells transformed with the various constructs.
Immunoblots were probed with an antibody to the epitope tag (figure 2.5b). Additionally,
increasing the amount of transformed expression construct did not restore polarized
growth, instead it resulted in very few transformants, suggesting that overexpression of
these proteins is toxic. In contrast, complementation is strong from proteins that bind
PI(3,5)P2, including the yeast protein ATG18 (Dove et al., 2004; Michell et al., 2006) and the
human lipid phosphatase MTM1 (Michell et al., 2006; Schaletzky et al., 2003) (Figure 2.8).
The complementation results are similar to that obtained with For2A, even over a wide
range of plasmid concentrations (figure 2.9). A mutant version of the MTM1 protein where
the catalytic Cys was changed to Ser, thereby inactivating the phosphatase activity while
maintaining phosphoinositide binding (Taylor et al., 2000) was also tested. The mutant
form of MTM1 (MTM1*) fused to FH1-FH2 also restored tip growth (figure 2.8). Taken
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together, our data imply that PI(3,5)P2 binding is the key activity conferred on moss class II
formins by the PTEN domain.

Figure 2.8. PI(3,5)P2 binding is essential for For2A function in vivo. (A) Representative chlorophyll
autofluorescence images of control RNAi (GUS-RNAi), For2 RNAi (For2AB-5’UTR) and For2 RNAi plants
cotransformed with indicated constructs. Scale bar is 100 μm. (B) Quantification of area and circularity by
chlorophyll autofluorescence shows that replacing the For2A PTEN domain with non-homologous domains
from various organisms exclusively rescues For2 RNAi when the domain binds PI(3,5)P 2, indicating that
PI(3,5)P2 binding is essential for class II formin function in polarized growth. Number of plants analyzed:
175, GUS-RNAi; 176, For2AB-5’UTR; 100, +For2A; 75, +2XFYVE-FH1FH2-3XFLAG; 50, +TAPP1-FH1FH23XFLAG; 25, +PH-FH1FH2-3XFLAG; 78, +ATG18-FH1FH2; 75, +MTM1-FH1FH2; 78, +MTM1*-FH1FH2. Error
bars represent SEM and letters above the bars indicate statistical groups with α = 0.05 using an ANOVA
analysis.
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Figure 2.9. Dose dependent complementation of the formin RNAi phenotype using constructs that replace
the For2A PTEN domain with unrelated PI(3,5)P2 binding proteins. ScATG18-FH1FH2 (light blue), HsMTM1FH1FH2 (purple) and HsMTM1*-FH1FH2 (pink) all rescue the formin RNAi phenotype similarly to For2A
(dark blue). Plasmid concentrations in µg are indicated below each bar. Numbers above the bars indicate the
number of plants measured for each condition. Error bars represent standard error.
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PI(3,5)P2 binders localize to the cortex as dynamic spots
Since PTENA and PI(3,5)P2 binding proteins functionally replaced the For2A PTEN
domain, it was expected that these domains should localize to the tip of the cell, similar to
the For2A PTEN domain. In contrast PTEND, which does not rescue formin-mediated
polarized growth, would be predicted to not localize. To test this, PTENA, PTEND, MTM1
and MTM1* were fused to GFP and isolated stable lines expressing these fusion proteins. As
expected, PTEND was not enriched at the apex of the cell (figure 2.10a) or the
phragmoplast. However, neither were PTENA nor the functional PI(3,5)P2 binding proteins
(figure 2.10a). Instead these fusion proteins were diffusely cytosolic, similar to GFP alone.
To ensure that the expressed fusion proteins were intact, I isolated proteins from plants
carrying the various constructs and probed immunoblots with a GFP antibody (figure
2.10b). Free GFP is undetectable in these protein extracts. Apical accumulation of PTEN-GFP
is likely specific to the For2A PTEN domain and not a result of differing expression levels,
since the average GFP intensity in lines expressing For2A PTEN-GFP, MTM1-GFP, and
MTM1*-GFP are similar (figure 2.11a). Furthermore, a full-length functional MTM1*FH1FH2-3XGFP (figure 2.11b) is also not apically enriched when transiently expressed in
moss cells (figure 2.11c). This is in contrast to apical enrichment of transiently expressed
For2A PTEN-3XFLAG-GFP (figure 2.11c), suggesting that the FH1FH2 domains are not
sufficient for apical accumulation.
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Figure 2.10. PTENA, PTEND and the functional PI(3,5)P2 binders fused to GFP are not enriched near the cell
tip. (A) Localization of PTENA, PTEND and the PI(3,5)P2 binders is cytosolic, like GFP alone. The PTEN
domain of For2A (second panel) is tip enriched. (B) Immuno blot using an anti-GFP antibody shows that the
full length fusion proteins are expressed. Numbers are molecular weight standards in kDa. (C) VAEM images
of PTENA, PTEND and PI(3,5)P2 binders fused to GFP demonstrate that only the fusion proteins that can
functionally replace the For2A PTEN domain localize to spots at the cell cortex. In contrast PTEND-GFP does
not appear to have such a specific localization. (D and E) Density of cortical For2A-GFP spots is reduced in
cells overexpressing MTM1*-mCherry. (D) VAEM images of For2A-GFP in a wild type cell or MTM1*mCherry overexpressing cell. (E) Quantification of cortical For2A-GFP density in wild type or MTM1*mCherry cells. Number of cells analyzed is: 4, wild type; and 9, MTM1*-mCherry. Error bars represent
standard SEM. Scale bars are 5 µm.
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Figure 2.11. Full length MTM1*-FH1FH2-3xmEGFP is functional and not tip enriched (A) GFP intensity in
stable lines expressing GFP fusion constructs. Quantification of GFP levels in the medial section of cells
expressing the GFP fusion constructs shown in figure 2.10. The levels of For2A PTEN-GFP (n=5 cells), MTM1GFP (n=5 cells), and MTM1*-GFP (n=5 cells) are similar. PTENA-GFP (n=4 cells) and PTEND-GFP (n=4 cells)
have higher levels of expression. Error bars represent standard deviation of the mean. (B) Quantification of
chlorophyll autofluorescence shows that MTM1*-FH1FH2-3XGFP complements For2-RNAi. Number of
plants analyzed is: 75, GUS-RNAi; 76, For2AB-5’UTR; 75, +For2A-3XFLAG; and 75, +MTM1*-FH1FH2-3XGFP.
Error bars are SEM and letters above the bars indicate statistical groups with α = 0.05 using an ANOVA
analysis. (C) Representative images of plants expressing MTM1*-FH1FH2-3XGFP or PTEN-3XFLAG-GFP.
PTEN-3XFLAG-GFP is tip enriched, whereas MTM1*-FH1FH2-3XGFP is cytosolic. Scale bar is 10µm.

Although class II formin function in tip growth requires PI(3,5)P2 binding activity,
apical enrichment of formin appears dispensable. In protonemal cells, actin filaments are
abundant near the plasma membrane and are highly dynamic (Vidali et al., 2010; Vidali et
al., 2009a). This suggests that formin activity might be required at the cell cortex. Variable
angle epifluorescence microscopy (VAEM) (Konopka and Bednarek, 2008; Staiger et al.,
2009) was used to determine whether formin localizes to the cell cortex. In the For2A-GFP
line, formin localizes to discrete spots near the cell membrane (figure 2.10c), which are
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highly dynamic. Similar to For2A-GFP, the For2A PTEN-GFP also localizes to discrete
dynamic spots near the plasma membrane (figure 2.10c), suggesting that the For2A PTEN
domain is sufficient to mediate this localization.
The fact that the For2A PTEN domain is required for the localization of For2A-GFP
near the plasma membrane in discrete dynamic spots led to the hypothesis that this
localization is required for formin function in tip growth. If this is the case, then any of the
PI(3,5)P2 binders capable of replacing the For2A PTEN domain should likewise form
dynamic spots at the cortex. Supporting this hypothesis, PTENA-GFP, MTM1-GFP and
MTM1*-GFP all formed dynamic spots at the cell cortex (figure 2.10c). PTEND, which cannot
functionally replace the For2A PTEN domain localizes diffusely at the cell cortex (figure
2.10c). Interestingly, the spots formed by MTM1-GFP were shorter lived and less discrete
then those formed by MTM1*-GFP. Given that the former is an active lipid phosphatase
whereas the latter is inactive, this suggests that phosphatase activity promotes turnover
within the cortex.
To test whether the For2A and MTM1*cortical spots are similar structures,
members of the Bezanilla lab generated a line that overexpresses MTM1*-mCherry in the
background of For2A-GFP. Interestingly the density of cortical For2A-GFP spots was
reduced in the MTM1*-mCherry line (figure 2.10d and e), suggesting that For2A-GFP and
MTM1*-mCherry are competing for the same sites on the membrane.

Silencing FAB1 kinases impairs polarized growth and results in fewer cortical formin
dots
If cortical PI(3,5)P2 sites are critical for formin-mediated polarized growth, then
reduction of cellular PI(3,5)P2 should impair polarized growth. I reasoned that silencing the
kinases that produce PI(3,5)P2 should lead to a reduction in PI(3,5)P2 levels. Toward this
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end, I identified three kinases (FAB1-A, FAB1-B, and FAB1-C) that have high sequence
similarity with S. cerevisiae FAB1. In yeast, FAB1 is a 1-phosphatidylinositol-3-phosphate 5kinase, which is responsible for generating PI(3,5)P2 (Gary et al., 1998). To silence the moss
FAB1 homologues, I generated an RNAi constructs that target all three FAB1 genes (FAB1RNAi).
Using RNAi, it is possible to effectively reduce protein levels in moss within 72-96
hours after transformation of the RNAi construct (Bezanilla et al., 2003; Bezanilla et al.,
2005). However once the FAB1 kinases are depleted, subsequent dephosphorylation of
PI(3,5)P2 must occur to reduce PI(3,5)P2 levels. To allow enough time for these events to
occur, I inhibited 4-day old transformed plants from performing polarized growth by
exposing plants to latrunculin B for 3 days. Transformed plants were then transferred to
normal growth medium and allowed to grow for an additional three days. Using this
procedure, I found that plants transformed with the control construct (GUS-RNAi) were
able to recover from the latrunculin B treatment and grow normally forming polarized
extensions, leading to low levels of circularity (figure 2.12a and b). As expected plants
transformed with the formin-RNAi construct were unable to recover from the drug
treatment, remaining small and composed of spherical cells. Interestingly, plants expressing
the FAB1-RNAi constructs were also unable to fully recover from the latrunculin B
treatment. They remained small in comparison to controls, but had a higher degree of
polarity than the formin-RNAi plants. This is due to the fact that some of the cells in the
FAB1-RNAi plants were able to partially polarize and form a limited number of extensions
(figure 2.12a). Additionally, transformation with the FAB1-RNAi construct consistently
yielded significantly fewer transformed plants as compared to the GUS- and formin-RNAi
constructs.
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Figure 2.12. Silencing the FAB1 kinases impairs polarized growth and decreases the density of cortical
formin dots. (A) Representative chlorophyll autofluorescence images of 10 day old plants transformed with
control (GUS-RNAi), For2-RNAi (For2AB-5’UTR) and FAB1-RNAi constructs. Scale bar is 100µm. Plants were
grown in the presence of latrunculin B from day 4 to day 7. (B) Quantification of chlorophyll
autofluorescence area and circularity shows that FAB1-RNAi has an intermediate phenotype. Number of
plants analyzed is: 34, GUS-RNAi; 38, For2AB-5’UTR; and 17, FAB1-RNAi. Error bars are SEM and letters
above the bars indicate statistical groups with α = 0.05 using an ANOVA analysis. (C) Representative VAEM
images of silenced and not silenced FAB1-RNAi plants, stably expressing For2A-GFP. Silenced plants show
fewer cortical dots than not silenced plants. (D) Quantification of the number of cortical dots in silenced and
not silenced FAB1-RNAi plants. There is a statistically significant decrease in the number of cortical dots
upon FAB1 silencing. Number of cells analyzed is: 5, not silenced; and 4, silenced. Error bars are SEM.

To test if reduction of FAB1 kinases led to a concomitant reduction in the cortical
targeting of formin, cells transformed with the FAB1-RNAi constructs were imaged. In the
RNAi assay, it is possible to identify transformed plants that are actively silencing since
these plants have a reduction in a nuclear GFP:GUS reporter (Bezanilla et al., 2005). In any
given transformation, a fraction of the transformed plants still express the GFP:GUS
reporter and are therefore not silencing the target genes. Taking advantage of this, VAEM
was used to image plants that were transformed with the FAB1-RNAi constructs. On the
same coverslip and with the same imaging conditions, both silenced and non-silenced
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control plants were identified. For2A-GFP was still targeted to the cell cortex in silenced
plants (figure 2.12c). However, in comparison to non-silenced control plants, targeting of
For2A-GFP was reduced 2.5-fold (figure 2.12d). The presence of reduced levels of cortical
For2A-GFP might explain the limited extent of polarized out growths in the FAB1-RNAi
plants. Taken together these data show that silencing of FAB1 kinases impairs polarized
growth and correct targeting of formin to the cell cortex, likely through production of
PI(3,5)P2.

Linear motility of For2A cortical spots is dependent on actin
To determine whether cortical formin generates actin filaments, the behavior of the
cortical formin spots were investigated. Using VAEM in For2A-GFP cells expressing LifeactmCherry For2A-GFP trajectories were analyzed. About 29% of cortical formin spots move
rapidly in and out of the imaging field, remaining for less than one second on the cortex. The
remaining trajectories of cortical For2A-GFP grouped into three main categories: linear,
random, and stationary (movement no greater than 0.4 µm from the origin). Linear
trajectories can be visualized by displaying the maximum projection of the 30 consecutive
frames, which represents three seconds of real time (figure 2.13a). Of the spots that resided
on the cortex for more than one second, 13.8% displayed linear trajectories (figure 2.13b,
832 spots from 5 cells). Furthermore, the cortical formin spots that moved in linear
trajectories moved at 1.8 ± 0.56 µm/sec (51 spots from 4 cells). To determine if these rates
were similar to rates of actin polymerization in moss, time-lapse series of cells containing
Lifeact-mCherry were analyzed and rates of actin polymerization were measured. New actin
filaments grew at 1.93 ± 0.55 µm/sec (30 filaments from 7 cells), which is statistically
indistinguishable from the rates of formin cortical spots that move in linear trajectories and
similar to the rates measured previously for Lifeact-GFP (Augustine et al., 2011). This rate is
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Figure 2.13. Cortical For2A linear movement is actin dependent. (A) Two representative cells imaged with
VAEM show that For2A-GFP localizes to cortical dots (left images) and Lifeact-mCherry labels the cortical
filamentous actin array (center images). For2A linear trajectories are apparent in a maximum projection of
30 frames, which corresponds to three seconds real time (right panels). (B) Quantification of the percent of
cortical dots found in the three categories of trajectories identified for formin cortical dots that resided on
the cortex for more than one second. Stationary indicates that no movement greater than 0.4 µm from the
origin was observed. (C) Two representative cells imaged with VAEM in the presence of 16 µM latrunculin B
show that For2A-GFP localizes to cortical dots (left images) but filamentous actin has been disrupted
depicted by diffuse Lifeact-mCherry fluorescence (center images). Furthermore, For2A linear trajectories
were no longer observed in maximum projections of 30 frames (right panels). Scale bars are 5 µm.

also consistent with the rate of actin polymerization in arabidopsis hypocotyls cells
(Smertenko et al., 2010; Staiger et al., 2009).
To test whether cortical formin movement was dependent on actin, cells were
treated with latrunculin B and then imaged cortical formin and actin with VAEM. After 25
minutes in 16 µM latrunculin B, the actin at the cell cortex was completely depolymerized
(figure 2.13c). In the absence of actin, For2A-GFP still formed distinct spots at the cell
cortex, indicating that the localization of formin to the cell cortex is independent of actin.
This is consistent with the fact that PTEN-GFP and all the proteins that replace the function
of PTEN in formin also localize to spots on the membrane. However, cortical formin
dynamics was altered in the absence of actin. Linear trajectories were not observed (figure
2.13c) and the population of random trajectories was greatly diminished, with a

46

concomitant increase in the stable population of formin spots (figure 2.13b, 245 spots from
5 cells).

Formin generates actin filaments at the cell cortex
Formin spots moving in linear trajectories depend on actin filaments and their
speed is consistent with the rate of actin polymerization in moss. Taken together these data
strongly suggest that the formin spots moving in linear trajectories are generating actin
filaments. To test this, VAEM equipped with a dual view camera, which enabled
simultaneously acquisition of For2A-GFP and Lifeact-mCherry was used. As expected, a
large percentage of formin dots did not correlate with actin filaments (figure 2.14a and b).
However, some cortical formin spots coincided with the formation of new filaments (figure
2.14a, arrow heads). Also a number of events were observed where formin cortical dots
moved along pre-existing actin filaments (figure 2.14b, arrow heads). To ensure that these
events were more than coincidental, 61 linear formin trajectories from 6 cells were
analyzed. This analysis showed that 80% of the formin dots that moved in linear
trajectories either resided on the end of a new actin filament or coincided with a preexisting filament (figure 2.14c).
If these formin spots are generating actin filaments, then it would be expected that
they should move at the rates of actin polymerization. Indeed formin associated with the
end of a new actin filament moved at 1.80 ± 0.45 µm/sec (27 spots from 5 cells), while
formin spots associated with pre-existing actin filaments moved at 1.98 ± 0.56 µm/sec (18
spots from 5 cells) (figure 2.14d). A Student t-test confirms that these data are not
statistically different. Furthermore, if the formin spot generates a new actin filament, then it
should be possible to observe an increase in Lifeact-mCherry fluorescence, corresponding
to the new actin filament. Regardless of whether the formin spot was on the end of a

47

filament or moving along a pre-existing filament, a similar change in fluorescence was
observed (figure 2.14e). Taken together these data strongly suggest that the formin spots
that move along linear trajectories are actively polymerizing new actin filaments. The fact
that some of these trajectories are along pre-existing filaments further suggests that
bundling of actin filaments at the cell cortex can occur by addition of new filaments via
formin-mediated polymerization along existing actin tracks.

Figure 2.14. For2A-GFP spots generate actin filaments at the cell cortex. (A, B) Simultaneous acquisition of
For2A-GFP and Lifeact-mCherry at the cell cortex using VAEM demonstrates that For2A-GFP resides on the
ends of newly generated actin filaments (A) and along pre-existing filaments (B). In the merge images,
For2A-GFP and Lifeact-mCherry are magenta and cyan, respectively. Numbers represent time in
milliseconds (ms). The scale bar is 2 µm. Arrow heads in each frame of the merge indicate the For2A-GFP
and the arrow in the last frame indicates the position of the For2A-GFP spot at the beginning of the timelapse. (C) Quantification of the number of cortical For2A-GFP spots that moved in a linear trajectory and
were found at the end of a new actin filament (blue), along a pre-existing filament (pink), or did not correlate
with an actin filament (green). Five cells with 61 linear For2A-GFP trajectories were analyzed. (D)
Quantification of the speed of For2A-GFP linear movements on new or pre-existing filaments. (45 For2A-GFP
spots from five cells) (E) Quantification of the change in Lifeact-mCherry fluorescence in the wake of a
linearly moving cortical For2A-GFP spot on new or pre-existing filaments. (37 spots from five cells)
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Discussion
This study shows that class II formins interact with PI(3,5)P2 and that this
interaction is required for function in vivo. Heretofore understanding of the regulation of
plant formins has been elusive, since they lack the well-recognized regulatory domains,
such as rho GTPase binding domains found on the N-termini of fungal and many animal
formins (Blanchoin and Staiger, 2010; Goode and Eck, 2007; Grunt et al., 2008).
Interestingly, plant class II formins appear to have acquired a PTEN-like domain (Cvrckova
et al., 2004; Grunt et al., 2008) at their N-terminus, which interacts with phosphoinositides
to promote polarized growth. It was found that the PTEN domain of class II formins
interacts with PI(3,5)P2 and that this interaction is essential for formin’s role in polarized
growth. Furthermore, the For2A PTEN domain is also necessary for class II formin
localization to the cell apex, the phragmoplast, and the cell cortex. Analyzing the localization
of PI(3,5)P2 binding proteins that functionally replace the formin class II PTEN domain,
showed that apical localization is not linked to formin’s function in tip growth. Instead,
cortical localization appears critical. Our study provides a functional link between
membranes containing PI(3,5)P2 and the actin cytoskeleton.
Among PIP2s, PI(3,5)P2 has commanded less attention in comparison to PI(4,5)P2.
The latter is enriched on the plasma membrane and is implicated in a large array of
signaling pathways in animals, fungi, and plants (Munnik and Vermeer, 2010; Perera et al.,
2006; Saavedra et al., 2011; Sun et al., 2007; Yin and Janmey, 2003). In particular, PI(4,5)P2
is known to interact with the actin cytoskeleton through profilin, ADF/cofilin and activation
of the Arp2/3 complex through WAVE and WASP in mammalian systems (Saarikangas et al.,
2010; Shewan et al., 2011). Also, PI(4,5)P2 and the PTEN phosphatase are involved in
establishing cell polarity (Saarikangas et al., 2010; Shewan et al., 2011). In contrast, much
less is known about PI(3,5)P2. In yeast and animals, this phosphoinositide is implicated in
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endomembrane trafficking (Michell et al., 2006). Although, perhaps due to its low
abundance, PI(3,5)P2 has not been directly localized within the endomembrane system.
However, in yeast and plants PI(3,5)P2 is generated by the FAB1 kinase, a kinase that is
localized to the endomembrane system (Cooke et al., 1998; Gary et al., 1998; Hirano et al.,
2011), and when knocked out (or down) results in enlarged vacuoles (Gary et al., 1998;
Hirano et al., 2011; Whitley et al., 2009). These results suggest that in plants, as in animals
and yeast, PI(3,5)P2 plays a role in membrane trafficking.
To our knowledge, PI(3,5)P2 has not been directly and functionally linked to the
actin cytoskeleton in any system. Evidence for a link to actin is indirect. Yeast deficient in
the epsin N-terminal homology domain containing protein Ent3p localize actin aberrantly
(Eugster et al., 2004). Ent3p is known to bind PI(3,5)P2 and is involved in protein sorting to
multivesicular bodies (Friant et al., 2003). Here it is shown that the For2A PTEN domain
binds to PI(3,5)P2 recruiting formin to the cell cortex where it generates actin filaments
essential for polarized growth, thereby directly linking PI(3,5)P2 to actin nucleation and
filament elongation.
Additionally, moss PTENA, in contrast to human PTEN, binds to PI(3,5)P2, not
PI(4,5)P2. The binding specificities of vascular plant PTENs are unknown. One of the PTEN
homologues in Arabidopsis thaliana catalyzes the conversion of PI(3,4,5)P3 to PI(4,5)P2 in
vitro (Gupta et al., 2002), but its ability to bind PI(3,5)P2 was not assessed. Based on these
findings, I speculate that PTENs in plants have a different phosphoinositide binding
preference, drawing attention to the importance of PI(3,5)P2 in plant signaling. In support of
this, a recent study demonstrated that the plekstrin homology (PH) domain from a rice
dynamin-like protein binds PI(3,5)P2, not PI(4,5)P2 (Xiong et al., 2010).
Surprisingly, proteins unrelated in structure to PTEN are functional as chimeras
with class II formins, provided that they interact with PI(3,5)P2. This suggests that formin
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function in tip growth does not rely on the specific structure of the PTEN domain. Rather,
the For2A PTEN domain functions to localize formin to sites on the membrane rich in
PI(3,5)P2. The PI(3,5)P2 binding proteins that replace the formin PTEN domain do function
with respect to polarized growth but are localized diffusely throughout the cytosol. Thus,
the apical and phragmoplast enrichment observed for For2A and mediated by the PTEN
domain are evidently not required for formin-mediated polarized growth. Thus, I
hypothesize that the apical accumulation of For2A represents a pool of inactive formin with
respect to polarized growth. These data provide strong evidence unlinking formin apical
enrichment from function in polarized growth.
Further evidence for this was acquired by imaging live cells containing a functional
fluorescent fusion to For2A and a marker for actin, Lifeact-mCherry. During imaging,
variation in the amount of For2A, as well as the position of the enrichment can be seen.
However, at the cell apex bursts of actin polymerization are rarely observed after
accumulation of formin, supporting the hypothesis that the apical enrichment of For2A is a
pool of largely inactive formin with respect to actin polymerization.
I propose that active formin is required at the cell cortex. This is supported by the
localization of the PI(3,5)P2 binding proteins that functionally replace the formin PTEN
domain. Although not accumulating prominently in the cell apex, the functional PI(3,5)P2
binding proteins localize to dynamic spots at the cortex, a localization that is shared by
For2A. Also, overexpression of a PI(3,5)P2 binding protein reduces the density of cortical
For2A spots, suggesting that For2A and the PI(3,5)P2 binding protein are competing for the
same sites on the membrane. Furthermore, silencing of the moss FAB1 homologues impairs
polarized growth and reduces cortical targeting of formin.
To an appreciable extent, formin cortical localization is mediated by the PTEN
domain and is actin-independent. However, detailed analyses of the formin cortical spots
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demonstrated that a small population of cortical formin moves in linear trajectories and this
movement is actin-dependent. Simultaneous imaging of formin and actin revealed that the
majority of cortical formin spots that move in linear trajectories are either associated with
the ends of new actin filaments or along pre-existing filaments. Importantly these cortical
formin spots move at the rate of actin polymerization. Since formin's actin polymerization
activity is required for polarized growth (chapter 1) (Vidali et al., 2009b), these data suggest
that formin's essential activity at the cell cortex is to rapidly generate new actin filaments.
Furthermore, these data establishes a mechanism for bundling actin in the plant cell cortex.
Cortical imaging revealed formin-mediated actin polymerization occurring along existing
filaments, producing parallel filaments that might be bundled by other factors.
PI(3,5)P2 is essential for formin-mediated polarized growth. The formin PTEN
domain, which specifically binds PI(3,5)P2 serves to localize formin to one of four regions in
the cell: the cell cortex, an apical cytoplasmic enrichment, stochastic subapical
accumulations, and the phragmoplast. However, of these four populations, localization to
discrete dynamic cortical spots correlates with formin-mediated polarized growth.
Interestingly, only a fraction of formin generates new actin filaments at the cell cortex,
suggesting that formin activity is tightly regulated. Thus, I propose that PI(3,5)P2 functions
to localize formin to specific cortical sites. Approximately 14% of the time the PI(3,5)P2
containing site is "primed", perhaps containing a formin activator, and this site stimulates
formin's actin polymerization activity. Interestingly, 30% of the linearly moving For2A-GFP
dots were observed to move along existing actin filaments, while polymerizing a new actin
filament. These events suggest that formin facilitates bundling of actin filaments by
generating new filaments in parallel and in close proximity to existing ones and provide
evidence for formin-mediated bundling of actin filaments in vivo. Taken together these data
link PI(3,5)P2-membrane domains to generation and remodeling of the cortical actin array.
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CHAPTER 3

A CLASS I FORMIN DIRECTLY LINKS THE ACTIN
CYTOSKELETON TO EXOCYTOSIS

Introduction
Vesicle trafficking, particularly exocytosis and endocytosis, is fundamental for cell
growth. Exocytosis delivers new membrane and external material while endocytosis
recycles excess membrane and catabolized secretory products. In eukaryotes that generate
an extracellular matrix encasing the cell, exocytosis is a critical determinant of cell shape
and polarity (Rounds and Bezanilla, 2013). Plant cells are an excellent example as they are
surrounded by a cell wall that physically constrains the cell. Construction and modifications
of this wall by delivery of building material and remodeling enzymes from within the cell
eventually shapes the cell.
During exocytosis the exocyst complex, which is conserved across eukaryotes and is
essential for plant growth and development, tethers secretory vesicles to the plasma
membrane before vesicle fusion occurs (He and Guo, 2009; Liu and Guo, 2012). The exocyst
complex is an octamer consisting of the subunits Sec3, Sec5, Sec6, Sec8, Sec10, Sec15,
EXO70 and EXO84 (chapter 1) (Guo et al., 1999; Hala et al., 2008; Heider and Munson, 2012;
TerBush et al., 1996).
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Due to its relative simplicity, the moss Physcomitrella patens provides an
opportunity to study the function of the exocyst complex in cell morphogenesis. Mosses
have few cell types that comprise simple tissues, usually only a single cell layer thick.
Consistent with this, P. patens only has 13 copies of EXO70, which is relatively fewer in
comparison to most seed plants (Cvrckova et al., 2012).
In analyzing the genomic structure of the subunits of the complex, one copy of Sec10
was particularly intriguing because it was predicted to be part of a very large gene encoding
for a protein with an N-terminal Sec10 domain and a C-terminal formin domain. Formins
are nucleators of actin filaments, and are essential for multiple actin-based processes
(chapter 1). The fusion of a component of the exocyst subunit to an actin filamentnucleating factor within a single protein provides evidence for a direct involvement of actin
polymerization in exocytosis and an opportunity to study the relation between actin and
exocytosis in plants directly.
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Results
Formin 1F comprises two domains: an N-terminal Sec10 and a C-terminal class I
formin.
For1F is predicted to encode a protein with a novel domain configuration,
comprising an N-terminal exocyst subunit and a C-terminal actin filament-nucleating factor
(Zimmer et al., 2013). The genomic structure is remarkable because the 5’ end of the gene
has similar numbers of coding exons as the other two moss Sec10 genes, and the 3’ end of
the gene has a similar genomic structure to the other five moss class I formins (figure 3.1a).
Additionally, similar to all other formins in the P. patens genome, For1F has a large exon
that in part encodes the formin homology (FH) 1 domain. The predicted amino acid
sequence of the Sec10 domain of For1F is 64% similar to A. thaliana Sec10 and 70% and
53% similar to P. patens Sec10b and Sec10a, respectively. This sequence similarity suggests
that the Sec10 domain of For1F is a functional Sec10, not a divergent relative no longer
capable of interacting with the exocyst.
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Figure 3.1. SEC10 and Formin 1F are fused. A. Gene model of SEC10-Formin1F. For1F is predicted to contain
a SEC10-like domain (green), N-terminal of the characteristic formin homology (FH)-1 (purple) and FH2
(blue) domains. Arrows a and b indicate position of the primers used for RT-PCR. B. RT-PCR indicates that
the SEC10 and formin parts of the predicted protein are on one mRNA. C. Western blotting shows a band at
the predicted size of SEC10-For1F-3xmEGFP, indicating that the SEC10 domain and the Formin domain are
two parts of one protein.

Since this domain configuration has not been observed in any other species to date, I
hypothesized that the predicted gene may have been improperly annotated. Members of the
Bezanilla lab analyzed mRNA transcribed from this region to determine whether the region
comprises one or two genes. Because it is extremely difficult for the reverse transcriptase
enzyme to transcribe through the highly GC rich region encoding for the poly-proline rich
FH1 domain, a reverse primer just upstream of this region was used to generate the cDNA
template (figure 3.1a). A forward primer in the first predicted exon of the region encoding
for the Sec10 domain together with the reverse primer upstream of the FH1 domain (figure
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3.1a) amplified a product large enough to span the Sec10 domain and the formin domain,
consistent with the presence of a single gene (figure 3.1b).
While a continuous mRNA is consistent with a single gene, it is possible that
alternative splice variants are generated and only separate proteins are translated. To
determine the size of the protein that is generated from this locus, the 3’ end of the genomic
locus was tagged in frame with sequences encoding for three tandem copies of mEGFP
(hereafter referred to as GFP). In lines that were properly integrated, protein was isolated,
separated on a polyyacrylamide gel, and probed with a GFP antibody. For1F-3XmEGFP
(hereafter referred to as For1F-GFP) migrates around 300 kDa, closely corresponding to the
predicted size of a protein containing the Sec10 domain, the formin domain, and three
tandem copies of GFP (figure 3.1c), demonstrating that this locus encodes for a single
protein. The presence of Sec10, a subunit of the exocyst complex, and formin, an actininteracting module, in one protein is intriguing and suggests that in P. patens there is a
direct link between exocytosis and the actin cytoskeleton.

For1F is not unique to P. patens
To gain insight into the evolution of For1F’s domain configuration, class I formin
FH2 domain sequences were used to retrieve bryophyte sequences from the oneKP
transcriptome database (https://sites.google.com/a/ualberta.ca/onekp). These sequences
were used to perform phylogenetic analyses. These analyses demonstrate that moss
formins group entirely separately from the other bryophytes (liverworts and hornworts)
(figure 3.2). In the mosses, For1D and For1E group with the earliest-diverging moss formin
lineage. For1D and For1E are the products of a recent gene duplication, possibly particular
to P. patens.
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Figure 3.2. Evolution of moss formins. Phylogenetic analysis of the For1F FH2 domain shows that For1D/E
are the ancestral formins in moss. For1F homologs, including a Sec10-like domain are found throughout the
moss lineage after the split with the Sphagnum and Takakia mosses. Insets on the right show the relative
expression levels of the different formins, where red indicates a higher and blue a lower relative expression
level.
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Although recently diverged, For1D and For1E have adopted different expression patterns
with For1D expression highest in the fast growing caulonemal cells, whereas For1E
expression is highest in slower growing chloronemal cells and in the gametophores
(http://bar.utoronto.ca/efp_physcomitrella/cgi-bin/efpWeb.cgi) (Ortiz-Ramírez et al.,
2016; Winter et al., 2007). A gene duplication earlier than the For1D/1E duplication gave
rise to two more lineages: For1F and the formins For1A, For1B and For1C. The expression
patterns of For1A, For1B and For1C have also diversified, with For1A expression highest in
the caulonemal cells. For1F is highly expressed in all tissues, but the highest For1F
expression is in rhizoids.
So far, 28 moss species spanning all major moss lineages except Takakiopsida and
Sphagnopsida, have a copy of For1F. No gene sequence with homology to For1F was
retrieved from the transcriptomes of the early-diverging mosses Sphagnum palustre,
Sphagnum lescurii or Takakia lepidozoides. The only formin sequence retrieved from the
Takakia transcriptome falls into the early-diverging For1D/For1E gene clade, although with
low statistical support. No gene sequence with homology to any P. patens FH2 domain was
retrieved from the Sphagnum transcriptomes. Sphagnum, liverworts and hornworts all have
rhizoids, but their rhizoids, unlike in the rest of the mosses, are unicellular. Takakia does
not produce rhizoids. This association suggests that For1F was involved in the development
and evolution of multicellular rhizoids. Within the mosses, four species have a Sec10
domain on the same transcript as the For1F homolog, suggesting that Physcomitrella patens
is not the only species with a physical fusion of the two protein domains. These four species
are distantly related, and a Sec10/formin domain fusion is found only in For1F homologs,
suggesting that this fusion happened early on, after the divergence of Takakia and
Sphagnum from the rest of the mosses.
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Figure 3.3. Phylogenetic analysis of the For1F Sec10 domain. P. patens has 3 Sec10 homologs, Sec10a is only
found in P. patens and the closely related Physcomitrium species. The Sec10 of For1F, together with Sec10b,
originated after a gene duplication following the split of the mosses from the Sphagnum and Takakia mosses.
Insets on the right show the relative expression levels of the different Sec10 homologs, where red indicates a
higher and blue a lower relative expression level.
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To see if the fusion evolved independently from the other Sec10 proteins, a similar analysis
looking at the phylogeny of the Sec10 domains was performed (figure 3.3). P. patens has
two Sec10 isoforms besides For1F; Sec10a and Sec10b. Sec10a is an evolutionarily diverged
isoform retrieved only from P. patens, and from the closely related genus Physcomitrium.
Single Sec10 homologs were retrieved from the Takakia and Sphagnum transcriptomes.
Following the divergence of Takakia and Sphagnum, there was a gene duplication that led to
Sec10b and a monophyletic clade of Sec10s that are fused to For1F. Sec10b was retrieved
from taxa spanning the moss phylogeny. Taken together, these analyses demonstrate that
the Sec10-For1F fusion is not unique to Physcomitrella patens but is found throughout the
moss lineage and that its emergence coincides with the emergence of multicellular rhizoids.

Formin 1F is essential for plant viability
Vidali et al. previously silenced Formin 1F using an RNAi construct targeting a small
region of the FH2 domain, which resulted in plants 30% smaller than control RNAi plants
(Vidali et al., 2009b). However, targeting this region of the For1F gene only results in a 75%
reduction of the transcript, not complete elimination. To increase the silencing efficiency, I
generated a number of constructs containing different regions of the gene. I found that RNAi
constructs containing small regions (~200-400 bp) of the coding sequence of either the
Sec10 or the formin region of the gene recapitulated the data in Vidali et al (Vidali et al.,
2009b). In contrast, transformation of RNAi constructs containing a larger region of the
coding sequence (~3800 bp) or the 5’ and 3’ untranslated regions yielded a survival rate
that is 20-250 times lower than the control construct. These data suggest that silencing
For1F is incompatible with life. Additionally, I repeatedly attempted to use homologous
recombination to generate a knock-out line by replacing the endogenous For1F locus with a
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G418 antibiotic resistance cassette. Consistent with the RNAi results, this never resulted in
any surviving plants, suggesting that For1F is essential for viability.
To determine if silencing the exocyst complex results in a similar loss of function
phenotype as silencing For1F, I generated an RNAi construct targeting Sec6, which is the
only subunit encoded by a single-copy gene in moss. Because Sec6 is a single copy gene and
a core subunit of the complex, it should be part of every exocyst complex. A Sec6 silencing
construct comprised of the 5’ and 3’ untranslated regions of the gene resulted in plants 40%
smaller than control RNAi plants (figure 3.4). However, silencing Sec6 by targeting the
entire coding sequence did not yield any surviving plants, suggesting that the exocyst is
essential for viability. I also silenced the other two Sec10 proteins in P. patens. Silencing
Sec10a did not affect plant size in young plants composed of primarily chloronemata, which
is consistent with the Sec10a expression data showing that it is predominately expressed in
caulonemata. Silencing Sec10b resulted in 50% smaller plants, while silencing both Sec10a
and Sec10b simultaneously did not have an additional effect on plant size (figure 3.4). These
data suggest that Sec10a and Sec10b are likely redundant with the Sec10 domain on For1F.

Figure 3.4. Silencing of exocyst components. A. Silencing of Sec10 homologs. Shown are the plant area
measurements of the indicated silencing experiments. B. Silencing of Sec6. Shown are the plant area
measurements of the indicated silencing experiments. Error bars show the standard error of the mean.
Letters above the bars indicate the statistical groups (p<0.05). Numbers in the bars are the number of plants
analyzed.
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For1F is involved in exocytosis
To determine whether For1F function is required for efficient exocytosis, I
developed a quantitative exocytosis assay in which I measured secretion of a fluorescently
labeled transmembrane protein. Members of the Bezanilla lab generated a chimeric
transmembrane protein comprising of the signal peptide from For1B fused to a SNAP-tag
followed by the transmembrane domain of For1B fused to mCherry (SNAP-TM-mCherry,
figure 3.5a). The SNAP-TM-mCherry construct was stably transformed into a line that also
expresses GFP-β-glucorinidase (GUS) fused to a nuclear localization signal. The nuclear
GFP-GUS protein serves as a visual marker allowing identification of actively silencing
plants in the transient RNAi assay (Bezanilla et al., 2005). Briefly, all RNAi constructs
contain inverted repeats of GUS sequences fused to inverted repeats of sequences targeting
the gene of interest. Constructs are transformed into protoplasts expressing GFP-GUS,
allowed to regenerate for one week and then actively silencing plants are identified by the
absence of nuclear GFP-GUS fluorescence. The SNAP-TM-mCherry/GFP-GUS line (hereafter
referred to as SNAP-TM-mCherry) is slightly smaller than wildtype in growth assays (figure
3.6).
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Figure 3.5. For1F RNAi affects exocytosis. A. Schematic representation of the exocytosis marker. B. Images
and corresponding profile plots of SNAP-TM-mCherry fluorescence intensity after drug treatments. C.
Quantification of normalized ratios of the plasma membrane fluorescence intensity over the cytoplasm
fluorescence intensity, letters above the bars indicate statistical groups. (p<0.05) D. Plant area and
circularity measurements after silencing with the indicated constructs. Letters above the bars indicate
statistical groups (p<0.05), N=30 plants for each. E. Images and corresponding profile plots of SNAP-TMmCherry fluorescence intensity after silencing indicated transcripts. F. Quantification of normalized ratios of
the plasma membrane fluorescence intensity over the cytoplasm fluorescence intensity. Letters above the
bars indicate statistical groups.

In the SNAP-TM-mCherry line, the mCherry resides on the cytosolic side of the
membrane, clearly labeling the plasma membrane of protonemal cells (figure 3.5b and e).
Since membrane protein delivery depends on the exocytic pathway, interrupting exocytosis
should result in lower fluorescence at the plasma membrane and higher internal
fluorescence. To identify defects in exocytosis, I took a ratio of the fluorescence intensity at
the plasma membrane and the fluorescence intensity inside the cell. As a proof of concept, I
transformed plants with a control RNAi construct that only targets the nuclear GFP-GUS and
regenerated silenced plants for 4 days. At day 4 I treated plants for 24 hours with the
exocytosis-inhibiting drug Brefeldin A (figure 3.5b). To eliminate variations in the intensity
measurements between experiments, ratios were normalized to the control of that day
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(figure 3.5c). Brefeldin A treatment dramatically increases the internal signal, presumably
due to accumulation of the transmembrane protein in the ER, demonstrating that this assay
can quantitatively measure exocytosis.
Latrunculin B treatment also results in lower plasma membrane intensity values,
and about a 50% decrease in plasma membrane to internal fluorescence ratio,
demonstrating that actin is required for efficient exocytosis in P. patens.
To address whether For1F silencing also decreases the intensity ratio, I used the
weak For1F silencing construct that results in plants 37% smaller than control RNAi plants
(figure 3.5d). In addition, I silenced Sec10a and Sec10b, which should reduce exocyst
function and also results in smaller plants (figure 3.5d). I found that the plasma membrane
SNAP-TM-mCherry intensity is dramatically reduced upon Sec10a and Sec10b silencing,
indicating that less SNAP-TM-mCherry reaches the plasma membrane (figure 3.5e). In cells
silencing For1F, peak values are also significantly reduced (figure 3.5f). Taken together,
these results demonstrate that efficient exocytosis requires For1F function and that
exocytosis mediated by For1F contributes to plant size.
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Figure 3.6. Growth assays of the tagged lines. Shown are the plant area measurements and circularity
(calculated by 4π*Area/perimeter2) measurements of the indicated lines. Error bars show the standard
error of the mean. Letters above the bars indicate the statistical groups (p<0.05). Numbers in the bars are
the number of plants analyzed.

For1F dynamically associates with the exocyst complex
To analyze the intracellular localization of For1F, I took advantage of the For1F-GFP
line that was used to demonstrate that For1F comprises a fusion of Sec10 and formin
domains. Using quantitative growth assays, I found that For1F-GFP grows indistinguishably
from wild type (figure 3.6), suggesting that For1F-GFP is functional. To test if For1F
colocalizes with the exocyst complex, Sec6 was tagged in the For1F-GFP line. Sequences
encoding for three tandem mRuby2 molecules were inserted in frame with the 3’ end of
Sec6. Tagging Sec6 did not affect plant size or polarity (figure 3.6), suggesting that Sec63XmRuby2 (hereafter referred to as Sec6-mRuby) is functional. Since Sec6 is the only
component of the exocyst complex that is encoded by a single gene copy, every exocyst
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complex should be tagged with mRuby2. However, since For1F is not the only Sec10 subunit
in the cell, I do not expect to observe that every exocyst complex will contain For1F.
In protonemal filaments, I find that For1F-GFP and Sec6-mRuby localize to three
distinct membranous areas in the cell all of which are considered to be active areas of
exocytosis: they are weakly enriched at the cell apex, decorate the extending cell plate and
localize to punctae at the cell cortex (figure 3.7). In addition, Sec6 also localizes to larger
intracellular structures, especially during cell plate formation. Consistent with the For1F
expression profile (figure 3.2), I found that For1F is more enriched at the rhizoid apex than
in the apex of protonemal cells (figure 3.7a). These data suggest that For1F and Sec6
associate at exocytosis hot-spots. Cortical For1F that does not co-localize with Sec6 together
with the fact that For1F is absent from the larger intracellular structures that label with
Sec6 suggest that For1F might act as a landmark protein for exocyst complex docking at the
plasma membrane.
To investigate the nature of the For1F cortical particles, I imaged For1F-GFP in the
presence of FM4-64, a lipophilic membrane marker that marks endocytic activity in cells (Li
et al., 2008; Van Gisbergen et al., 2008). Similar to a previous study that utilized TIRF
microscopy to analyze FM4-46 at the cell membrane (Li et al., 2008), I also found that FM464 localizes to the cortex as dots, suggesting that there are specific membrane domains
involved in endocytosis (figure 3.7b). However, For1F localizes where FM4-64 does not, and
is not seen moving together with the FM4-64 dots (figure 3.7c). Additionally the Pearson’s
correlation coefficient for colocalization is low; 0.30±0.05, suggesting that For1F does not
localize to areas of the cell cortex involved in endocytosis and that endocytosis and
exocytosis happen in distinct places on the plant cell membrane.
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Figure 3.7. For1F transiently colocalizes with Sec6, and not with endocytic sites. A. For1F (top row) and
Sec6 (middle row) both localize to the cell apex (left column), to the cell plate (second column) and to
discrete dots at the cortex (third column). Localization of For1F to the rhizoid apex is brighter than to the
apex of a protonemal cell (right column). Note that Sec6-3xmRuby also localizes to larger structures within
the cell, whereas For1F does not (merge, bottom row). B. For1F does not colocalize with FM4-64 labeled
endocytic dots. Pearson’s correlation coefficient: 0.30 ± 0.05. C. Kymographs of For1F and FM4-64 dot
dynamics. For1F moves independent of FM4-64 (blue arrows), FM4-64 and For1F appear or disappear
independently of each other (yellow arrows), or displace each other (white arrows).
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For1F and Sec6 dynamics are dependent on actin
To investigate whether actin filaments affect For1F and Sec6 localization I imaged
For1F and Sec6 in the presence and absence of actin filaments. Upon depolymerization of
actin filaments with Latrunculin B, I found that For1F and Sec6 accumulate at the cell apex
(figure 3.8a). At the cell cortex where For1F and Sec6 transiently colocalize to dynamic
cortical dots, I observed an increase in co-localization in the absence of actin filaments
(figure 3.8b and c).
These results suggest that actin filaments may play a role in removing For1F from
the membrane. To test this, I analyzed the localization of For1F and actin simultaneously. To
image actin filaments, I expressed LifeAct-mCherry, which binds to filamentous actin (Riedl
et al., 2008) in the For1F-GFP line. Interestingly, I did not find For1F moving in linear
trajectories to make actin filaments, as previously observed for For2A (chapter 2) (van
Gisbergen et al., 2012). Instead, I found that cortical For1F dots aggregate on an existing
actin filament and remain there until the aggregation disintegrates (figure 3.8d). Movement
towards the aggregation is often incremental and of a constant speed.
To investigate whether cortical For1F dynamics depend on the presence of actin, I
quantified global changes in cortical For1F organization by calculating the correlation
coefficient of the intensity of the For1F-GFP signal at all pixel locations between time points
(Vidali et al., 2010). This analysis examines the degree of change in the images of For1F-GFP
– a greater change between images results in a steeper decay of the correlation coefficient
and indicates increased dynamics. Consequently, a line with a rapid decay indicates high
dynamicity. Upon latrunculin B treatment, For1F cortical dots display lower dynamicity
than untreated For1F dots (figure 3.8e). These results indicate that formin 1F dynamics are
dependent on the actin cytoskeleton. Additionally, Sec6 dynamics also appear to be affected
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by latrunculin B treatment, albeit to a lesser extent, which might be attributed to the low
signal to noise ratio in the images. Taken together, these results indicate that Sec6 localizes
to For1F spots and that their dynamics at the cortex is dependent on actin.
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Figure 3.8. For1F and Sec6 dynamics are actin dependent. A. Latrunculin B treatment shows that For1F and
Sec6 aggregate in the same place near the cell apex. B. Kymographs show increased lifetime of Sec6 dots in
places with For1F dots. C. Pearson’s correlation coefficient indicates a higher degree of colocalization of
For1F and Sec6 upon Latrunculin B treatment. Letters above the bars indicate statistical groups (p<0.05). D.
Timelapse imaging shows For1F cortical dots aggregating on an existing actin filament. White arrows point
to For1F dots aggregating, blue arrows to For1F dots dissipating. The kymograph shows For1F dots
aggregating on an actin filament and dissipating. E. Correlation coefficient analysis shows decreased
dynamics of For1F and Sec6 cortical dots upon Latrunculin B treatment.
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The For1F Sec10 and Formin domains do not need to be fused to rescue viability.
To investigate whether both the Sec10 and formin domains are required for For1F
function, I performed a complementation experiment. I reasoned that since For1F is
essential, it would only be possible to delete the For1F locus in the presence of a
complementing construct. Therefore, I simultaneously transformed a For1F knockout
construct with a construct driving expression of full-length, the N-terminus (Sec10 domain)
or the C-terminus (formin domain) of For1F from a constitutive promoter. The expression
construct was targeted to integrate into a non-coding locus that is known to be aphenotypic
when disrupted (figure 3.9) (Schaefer and Zrÿd, 1997). Resulting lines were genotyped for
correct disruption of the endogenous For1F locus and the presence of the For1F expression
construct (figure 3.10).

Figure 3.9. Schematic representation of the knock-out/knock-in strategy. We start with both the For1F and
the non-coding Pp108 loci intact. Then, a simultaneous transformation is done that replaces the For1F locus
with a G418 resistance cassette using homologous recombination and replaces the Pp108 locus with either
one of the indicated constructs. The bottom part shows the resulting loci. The For1F genomic locus is
replaced with a G418 resistance cassette and the non-coding Pp108 locus with either one of the indicated
complementation constructs. Only the full length 3xFLAG tagged For1F construct is shown as an example.
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As expected, the untagged full length protein rescued the disruption of the For1F
locus. Paradoxically, expression of either the N-terminus (Sec10 domain) or the C-terminus
(formin domain) also resulted in live plants, demonstrating that a single For1F domain is
sufficient to rescue viability and the fusion is not essential (figure 3.11a and c). I speculate
that a single domain is sufficient because P. patens in addition to For1F has two more Sec10
proteins, and five more class I formins. These additional proteins might transiently interact
with the constitutively expressed parts of For1F in the rescue experiments, reconstituting a
protein that functions similar to For1F.

Figure 3.10. Genotyping of knock-out-knock-in lines. A. PCR for presence of the knock-out construct in lines
complemented with the indicated parts of For1F. B. PCR for presence of the knock-out construct in the line
complemented with Sec10b. C. PCR for presence of the knock-out construct in the line complemented with
For1D. D. PCR for the presence of cDNA of the Sec10 part of For1F. Wildtype shows the size of the genomic
band, which is absent in the complementation line. E. PCR for the presence of cDNA of the formin part of
For1F. Wildtype shows the size of the genomic band, which is absent in the complementation lines. F. PCR
for the presence of cDNA of the connecting region between the Sec10 and formin parts of For1F. Wildtype
shows the size of the genomic band, which is absent in the complementation line. G. PCR for the presence of
cDNA of a part of Sec10b (left lane) or For1D (right lane). Both show both the cDNA band at the expected
height, as well as the amplification of the corresponding genomic region (indicated by red arrows).
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If this is the case, then it suggests that constitutive expression of another class I
formin or another Sec10 could also rescue disruption of the For1F locus. To test this I
disrupted the For1F locus and simultaneously expressed either For1D, Sec10b, or For2A.
Resulting lines were genotyped for correct disruption of the For1F locus and the presence
of the expression construct (figure 3.11). Consistent with my speculation, I found that plants
expressing For1D or Sec10b in the absence of For1F stay alive (figure 3.11b). Similar to the
expression of either domain of For1F, the plants do not show any major phenotypic defects
as compared to wildtype (figure 3.11c). Additionally, I did not obtain any surviving plants
that express For2A, demonstrating that class I, not class II, formin function is required to
rescue For1F. These data suggest that the For1F fusion might have originated as a more
efficient way of simultaneously controlling levels of Sec10 and formin.
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Figure 3.11. Fusion of the For1F N-terminal and C-terminal domains is not necessary for survival. A.
Representative images of For1F knock-out lines overexpressing either the N-terminal Sec10 domain, the Cterminal Formin domain or the full length protein. B. Representative images of For1F knock-out lines
overexpressing either For1D or Sec10b C. Plant area and circularity measurements of the generated rescue
lines. Letters indicate statistical groups (p<0.05). Numbers indicate the number of plants analyzed.
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Discussion

Figure 3.12. Model of For1F function. 1. For1F sits as a landmark protein on the plasma membrane. 2.
Exocytic vesicles form on the trans-Golgi network and are coated with subunits of the exocyst complex, one
of which being Sec6. 3. The exocyst complex comes together to tether the vesicle to the membrane. 4. After
vesicle fusion, the exocyst complex dissipates in an actin dependent manner, of which the mechanisms are
not yet understood.

My results suggest that For1F directly links the actin cytoskeleton to exocytosis. I
hypothesize that it functions as a landmark protein for the exocyst complex, providing a
mark for exocytic vesicle docking on the plasma membrane (figure 3.12). How actin plays
into this model is not fully understood, but possibly it is required for dissociation or
recycling of the exocyst complex back into the cytoplasm.
Here it is shown that formin 1F and Sec10 are two domains in one protein and that
this protein is unique to mosses. Both the formin and Sec10 domains originated from gene
duplications that occurred after the divergence of Takakia and Sphagnum from the rest of
the mosses. Since the transcriptome data used likely has a 3’ bias, it is highly likely that the
Sec10 domains that are fused to For1F’s of the different species are not represented. The
Sec10-For1F fusion is a very large gene and it is likely that reverse transcriptase has great
difficulty transcribing the entire mRNA. Moreover, the FH1 domain on the formin part is
very GC-rich, making it even less likely that the reverse transcriptase is able to generate a
full cDNA from mRNA. The Sec10 phylogeny showed that all Sec10-For1F fusions found in
the formin phylogeny cluster together. This, in combination with the fact that many of the
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fusions are likely underrepresented in this analysis, suggests that all For1F proteins found
are likely Sec10-For1F fusions. Evolutionarily, the emergence of the For1F fusion gene
coincides with the emergence of multicellular rhizoids. Transcriptomics data reveal that
while For1F is highly expressed in all tissue types of the moss, it is relatively most highly
expressed in rhizoids. This suggests that For1F is involved in rhizoid multicellularity.
Formin 1F knock-out is lethal, yet overexpression of formin 1D can rescue the loss
of formin 1F. This suggests that formin 1F is not necessary, as long as sufficient levels of
other Class I formin and Sec10 are around. Transcript level analyses
(http://bar.utoronto.ca/efp_physcomitrella/cgi-bin/efpWeb.cgi) show that For1D is
expressed more in caulonemal cells compared to chloronemal cells. This indicates that the
level of endogenous For1D in chloronemal cells might not be high enough to overcome the
effect of For1F knock-out. Constitutive ectopic expression of formin 1D overcomes this,
resulting in enough For1D present in subapical cells to sustain life. Conversely, For2A does
not rescue the knock-out of For1F, suggesting that class I and class II formins have different
functions in the cell. Indeed, silencing class I formins results in smaller but normal growing
plants, whereas silencing class II formins results in a loss of polarized growth.
For1F localizes to areas with high membrane dynamics. In these areas the difference
between areas that are involved in endocytosis or exocytosis are not easily distinguished.
Quantitative exocytosis assays show that For1F is involved in exocytosis, and fluorescent
labeling shows that For1F largely overlaps with the exocyst complex, suggesting it is an
integral member of at least a subset of the exocyst complexes in the plant cell. Moreover, I
show that For1F does not localize with endocytic spots on the cortex, further indicating that
it is involved in exocytosis. Given that there are 2 more Sec10 subunits, I do not expect
formin 1F to be a part of all the exocyst complexes in the plant. Formin 1F localizes to actin
filaments, but does not appreciably polymerize actin filaments along the cortex, unlike
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formin 2A. It is possible however that Formin 1F generates actin filaments into the cytosol,
away from the imaging plane in TIRF microscopy, especially since formin 1F dynamics are
dependent on actin filaments.
I observed that formin 1F localizes to the cell cortex, and not to intracellular Golgilike structures, and hypothesize that formin 1F forms a landmark protein that serves as a
site for the rest of the exocyst complex to dock (figure 3.12). Conversely, Sec6 can be seen in
Golgi-like structures in the cell, suggesting that it is put on vesicles that are destined for
exocytosis at the trans-Golgi network. The lower mobility of the formin 1F cortical dots, as
well as the lower mobility of Sec6 cortical dots and the increased colocalization of the two in
the absence of actin filaments suggests that actin is necessary for dissociation of the
complex from the membrane (figure 3.12).
This study provides evidence of a link between exocytosis and the actin
cytoskeleton in plants. It identifies Formin 1F as a landmark protein for the exocyst
complex. Moreover, I show that a physical fusion between Sec10 and formin is not
necessary for survival and that instead constitutive expression of either part, or a related
part, is sufficient for survival. These data suggest that the actin cytoskeleton is linked to
exocyst complex function in plants, even in the absence of a physical fusion between an
exocyst component and an actin nucleator, which is found throughout the green lineage.
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CHAPTER 4

CLASS I AND CLASS II FORMINS FUNCTION IN DIFFERENT
MEMBRANE DYNAMIC PROCESSES

Introduction
Formins are a diverse family of proteins found throughout eukaryotes that regulate
the status of specific actin-based structures within cells (Evangelista et al., 2003; Goode and
Eck, 2007). Many formins have been characterized as actin-nucleating proteins, but others
bundle and sever actin filaments as well (van Gisbergen and Bezanilla, 2013). Some formins
also interact with the microtubule cytoskeleton linking actin and microtubule-based
functions. Together these activities underlie critical cellular processes, such as cell polarity,
division, adhesion and migration (Evangelista et al., 1997; Feierbach and Chang, 2001).
Formins have diverged and expanded throughout the eukaryotic kingdom. For
example, human cells have 15 formins that group into 8 families (Schönichen and Geyer,
2010). Budding yeast has two formins (Bni1 and Bnr1) in one family (Pruyne et al., 2004a).
There is growing evidence that formins have distinct functions serving to maintain specific
actin-based subcellular structures. For example, in budding yeast Bni1 generates actin
cables in the bud and Bnr1 generates actin cables in the mother cell (Pruyne et al., 2004a).
In fission yeast there are three formins that have specified further. Cdc12 is involved in
making actin filaments for the contractile ring in cell division (Chang et al., 1997), For3 is
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involved in polarized growth and the cell apex (Feierbach and Chang, 2001) and Fus1 is
involved in yeast cell mating (Dudin et al., 2015).
The moss Physcomitrella patens has 6 class I formins (For1A-F), 2 class II formins
(For2A and For2B) and 1 class III formin (For3) (chapter 1). Class I formins are further
subdivided in three subclasses; For1A-C constitute subclass 1 and contain both a signal
peptide and a transmembrane domain. Subclass 2 contains For1D and For1E, which both
have a transmembrane domain but no signal peptide. Subclass 3 has For1F as its sole
member (Cvrckova et al., 2012; Grunt et al., 2008). Subclasses 1 and 2 represent the
canonical class I formins in plants. In this study, I examined the localization of three
different formins, the highest expressed formin from each subclass 1 and 2 (For1A and
For1D) (Vidali et al., 2009b), and a class II formin (For2A). I chose For2A over For2B,
because previous studies have shown that For2A and For2B are functionally redundant
(Vidali et al., 2009b).
I found that the two classes of formin exhibit differential activity with respect to
actin filaments. I find evidence for functional diversification, where class I formins are
involved in exocytosis and class II formins in endocytosis. Moreover, I quantified For2A
activity along the length of the cell and found that For2A contributes to polarized growth by
localizing membrane recycling towards the growing tip. This study compares the dynamics
of multiple formins in plant cells and provides a clue as to which processes in which they
are involved.
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Results
Formins localize to areas of active membrane traffic
To investigate whether class I and class II formins have differential functions, I
began by analyzing their subcellular localization. Members of the Bezanilla lab used
homologous recombination to tag For1A and For1D with 3 tandem copies of mEGFP
(henceforth called GFP) at the genomic locus, similar to previous tagging of For2A (Vidali et
al., 2009b). Correct integration was verified by genotyping and full length expression of the
tagged protein was confirmed by immuno blotting. To assess whether tagging the locus
altered protein function, I measured overall plant area seven days after regeneration from
protoplasts. RNAi silencing of For1A and For1D affects plant growth (Vidali et al., 2009b). I
found that tagging For1A and For1D did not affect plant growth (figure 4.1), suggesting that
the fluorescent fusions are functional.
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Figure 4.1. Growth assays for the stable lines used in this study. Red bars indicate area, blue bars circularity
(4π*area/perimeter2). Letters above the bars indicate statistical groups; numbers in the bars indicate the
number of plants analyzed. LAmC stands for LifeAct-mCherry.

For1A-GFP, For1D-GFP and For2A-GFP are all enriched at the tip of the apical cell,
the site of cell division and localize to dynamic dots at the cell cortex (figure 4.2).
Interestingly, these sites are all areas of that have extensive membrane turnover. However,
the localization patterns of the three formins do have slight differences, particularly with
respect to the apical localization. First, For1A-GFP and For1D-GFP clearly localize to the
apical plasma membrane. In contrast, For2A-GFP localizes to a cytosolic cloud just below
the tip of the cell, as was reported previously (Vidali et al., 2009b) (chapter 2). The plasma
membrane localizations of For1A and For1D also differ. For1A-GFP is enriched at the apical
plasma membrane in a broad band. Conversely, For1D-GFP is confined to a much narrower
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strip along the dome of the tip. In addition to the apical localization, For1A-GFP localizes to
intracellular globular structures. Since For1A has a signal peptide, it is likely that these
globular structures are Golgi bodies. I hypothesize that the very similar but slightly different
localizations of these formins underlie their different functions.

Figure 4.2. Localization of class I and class II formins. For1A-GFP (top row), For1D-GFP (middle row) and
For2A-GFP (bottom row) are all enriched at the cell apex, localize to the cell plate in cell division and localize
to cortical dots. Additionally, For1A-GFP localizes to structures within the cell (yellow arrows) and the
For2A-GFP enrichment seems less cortical than the class I formin apical enrichments (blue arrows). Globular
structures of which some are indicated by the green arrows are autofluorescing chloroplasts.

Class II formin, not class I formin, localizes to endocytic hotspots
Both class I and class II formins localize to areas of active membrane turnover. In
these areas both exocytosis and endocytosis occur. To determine whether formins are
involved in endocytosis I stained live cells with FM4-64, a fluorescent lipophilic membrane
dye that marks endocytic membranes (Van Gisbergen et al., 2008). FM4-64 is enriched at
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the cell apex, and this enrichment is dynamic. For1A-GFP partially colocalizes with the FM464 enrichment, and as the FM4-64 enrichment moves, the center of the For1A-GFP
enrichment seems to be moving with the FM4-64 enrichment (figure 4.3a). For1D-GFP
enrichment intensity does not change in time and thus cannot be seen moving with the
FM4-64 enrichment For1D-GFP and FM4-64 do not colocalize at the cell apex (figure 4.3b).
For2A-GFP localizes to a broader enrichment than FM4-64, but they fully colocalize in the
apical enrichment, as reported previously (chapter 2), and seem to be moving together at
the apex (figure 4.3c).
Using TIRF microscopy, FM4-64 was reported to localize to endocytic membrane
domains (figure 4.3). Because TIRF microscopy has a higher signal-to-noise image
acquisition it affords higher resolution imaging at the cell cortex than confocal microscopy.
Therefore, I investigated if the cortical populations of For1A, 1D and 2A interact with FM464. Both For1A and For1D do not colocalize with cortical FM4-64 (figure 4.3d and 4.3e),
suggesting that they are not involved with initial stages of endocytosis. Interestingly, For2AGFP colocalizes with FM4-64 and analysis of their dynamics reveals that they travel
together along the same trajectories (figure 4.3f). Moreover, I used Pearson’s correlation
coefficient analysis to quantify the degree of colocalization. This analysis finds that For1AGFP and For1D-GFP are poorly correlated with FM4-64. In contrast, For2A-GFP is
significantly correlated with FM4-64 (figure 4.3g). Together these data suggest that For2A,
not For1A and 1D, associates with endocytic membranes at the cell cortex.
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Figure 4.3. Class II formins, not class I formins are on endocytic sites. A. For1A-GFP and FM4-64
enrichments coincide at the cell apex. Blue arrow indicates a barrier the cell is growing along. B. For1D-GFP
is more equally distributed and does not seem to be enriched at the FM4-64 spot. C. For2A-GFP dynamically
coincides with FM4-64 at the cell apex. D. Kymograph of For1A-GFP and FM4-64 at the cortex. For1A-GFP
does not colocalize with FM4-64 spots on the cortex, and do not travel together. E. Kymograph of For1D-GFP
and FM4-64 at the cortex. For1D-GFP also does not colocalize with FM4-64 dots at the cortex. F. Kymograph
of For2A-GFP and FM4-64 at the cortex. For2A-GFP colocalizes with FM4-64 at the cortex and they also
displace together. G. Pearson’s correlation coefficient analysis of the colocalization with FM4-64. Letters
above the bars indicate statistical groups.

Class I and class II formins interact with actin differently
Based on our analysis of the cortical formin populations, I propose that class I and
class II formins reside on different membrane domains. To investigate the interactions
between these formins and actin in vivo the actin marker LifeAct-mCherry was transformed
into the tagged formin lines. Growth assays confirmed that this had little, if any, effect on
plant growth (figure 4.1). In cells grown in microfluidics chambers actin forms an apical
spot that, like that formed by FM4-64, is dynamic (figure 4.4). Movement of the spot

85

through the apex is reminiscent of the movement of the FM4-64 spot, and consistently,
For1A-GFP only colocalizes partially with this spot (figure 4.4a). Again, For1D-GFP does not
colocalize with the actin spot, as it did not colocalize with FM4-64 (figure 4.4b). Similarly to
FM4-64, For2A-GFP fully colocalizes with the apical actin spot (figure 4.4c).
For2A-GFP was shown to polymerize actin filaments at the cell cortex (chapter 2).
To investigate the interactions between class I formins and actin I imaged the cortex using
dual-color TIRF. For1A-GFP and For1D-GFP both colocalize with actin filaments (figure 4.4d
and 4.4e, respectively), but surprisingly do not seem to polymerize actin when they move.
This is unlike For2A-GFP (figure 4.4f), which can be seen moving along the cortex at much
higher speeds than For1A-GFP and For1D-GFP while polymerizing actin in its wake, as
shown before (chapter 2). For1A-GFP and For1D-GFP instead move at much slower rates.
The movement along the cortex is not linear, and much slower than For2A. These
trajectories are hard to spot, but from my limited measurements they appear to move at
speeds of about 166 nm/s, which closely resembles the 168 nm/s measured for For1D in in
vitro experiments (Vidali et al., 2009b). For1A does appear to make an actin cloud (figure
4.4d), indicating it is possible that For1A makes actin filaments. But the majority of actin
filaments produced by these formins might project into the cytoplasm, rather than along the
plasma membrane, as is suggested for the Arabidopsis thaliana class I formin AtFH1
(Martinière et al., 2011). These data indicate that class I and class II formins have different
interactions with actin, and that only For2A-GFP can be seen polymerizing actin in vivo.
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Figure 4.4. Class I and Class II formins interact with actin differently. A. For1A-GFP and the apical actin
structure localize adjacently in a dynamic fashion. B. For1D-GFP does not colocalize with the apical actin
structure and does not enrich in the membrane position closest to the actin structure. C. The For2A-GFP
apical enrichment fully colocalizes with the apical actin structure but has a much broader distribution
besides. D. Kymograph of For1A-GFP interactions with actin at the cell cortex. For1A-GFP moves along the
cortex, but does not appear to polymerize actin. E. Kymograph of For1D-GFP interactions with actin at the
cell cortex. For1D-GFP moves along the cortex similarly to For1A-GFP and also does not visibly polymerize
actin. F. Kymograph of For2A-GFP interactions with actin at the cell cortex. For2A-GFP rapidly moves along
the cortex and polymerizes actin in its wake.

Class I formin, not class II formin dynamics are affected by microtubules
Since formins are actin nucleating proteins, but a significant portion of them are also
shown to interact with microtubules (Deeks et al., 2010; Yang et al., 2011; Yi et al., 2005;
Zhang et al., 2011), I questioned whether actin, microtubules or both affect formin
dynamics. Dynamicity of the formin cortical dots can be measured by the correlation
coefficient. Using TIRF microscopy and image processing as described before (Vidali et al.,
2010), I measured the pixel by pixel change in fluorescence intensity over a set time
interval, similar to the correlation coefficient analysis described in chapter 3. To answer
whether actin or microtubules affect formin dynamics, I measured the correlation
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coefficients of For1A-GFP, For1D-GFP and For2A-GFP in the presence and absence of the
actin depolymerizing drug latrunculin B or the microtubule depolymerizing drug oryzalin
(figure 4.5). The dynamics of both class I formins are affected significantly by treatment
with oryzalin, indicating that their dynamics are dependent on microtubules. Treatment
with latrunculin B also affects the dynamics of the class I formins, suggesting that the class I
formins interact with both the actin and microtubule cytoskeleton and that they might
provide a link between the two (figure 4.5a and 4.5b), albeit that For1D are faster in the
absence of actin, not slower, suggests a different mode of operation for this formin.

Figure 4.5. Formin cortical dot dynamics after drug treatments. A. For1A-GFP dynamics are slowed down by
Oryzalin and Latrunculin B treatment. B. For1D-GFP dynamics are slower in the presence of Oryzalin, and
slightly faster in the presence of Latrunculin B C. For2A-GFP dynamics are only affected by Latrunculin B
treatment.
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In contrast, For2A-GFP dynamics are only affected by treatment with latrunculin B,
indicating that its dynamics are only affected by actin, but not by microtubules (figure 4.5c).
This indicates that class I and class II formins interact differently with the cell cytoskeleton.
Since they also display a different phenotype upon RNAi silencing, and localize to different
membrane domains, I conclude that class I and class II formins are involved in different
processes. Since both classes of formins localize to areas of high membrane trafficking and
only class II formins localize to FM4-64 labeled spots, I hypothesize that class II formins are
involved in endocytosis and class I formins are involved in exocytosis.

For2A-GFP cortical dots accumulate near the tip, but are not more active
Since For2A is essential for polarized growth, it polymerizes actin along the cortex
and I found it to colocalize with endocytic spots on the cortex, I next asked where along the
cell cortex For2A is active. Since For2A-GFP movement and activity is dependent on actin
polymerization, and For2A-GFP moves in linear trajectories when polymerizing actin, I can
use this to quantify the activity of For2A-GFP along the length of the cell.
First, I determined For2A-GFP cortical dot densities at various distances from the tip
of the cell. I imaged the formin using TIRF microscopy and took a corresponding whole field
brightfield image and a full field fluorescence image (figure 4.6a). Using the spot detection
software in the NIS elements analysis software I determined the amount of cortical dots per
frame and calculated the average per movie. Then, I measured the ROI area using ImageJ
and calculated the average For2A cortical dot density per movie (figure 4.6c). Subsequently,
I overlayed the brightfield movie with the fluorescence image and measured the distance of
the front and back of the ROI from the tip of the cell (figure 4.6b). The average of these
distances determined in which bin the data would fall (figure 4.7a). Interestingly, I see a
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gradient of For2A cortical dot densities that is highest at the tip and plateaus to an apparent
basal level 10μm from the tip.

Figure 4.6. Method of For2A-GFP cortical dot and trajectory quantification. A. TIRF images were
superimposed on brightfield images so that parameters could be measured. B. Measurement of ROI distance
from the tip and ROI distance from the base and ROI length. C. Measuring the ROI area, dots were identified
using NIS elements software and automatically counted each frame. Dot density is the average number per
frame per movie per area. Movies were binned using the position of the middle of the ROI with respect to the
tip. Trajectory quantification was also done using NIS elements. D. Measuring the cell angle to the horizon
allows for determining tip orientation. E. Trajectory vectors were plotted on a polar graph and counted for
the amount of trajectories per distance from the tip. F. Dividing the polar graph in 4 quadrants with the cell
angle being the middle of the “tip” quandrant allows for quantification of the trajectory orientation in
relation to the tip-base axis.

Irrespective of position in the cell, only 14 % of cortical For2A is active (chapter 2),
so an enrichment of cortical dots does not necessarily mean an increase in active formin. To
determine where in the cell For2A-GFP is active I used the dot tracking software in NIS
elements. First, I established a latrunculin B baseline, that shows the trajectories of For2A-
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GFP cortical dots present in the absence of actin. After latrunculin B treatment the cortical
dots move randomly over very short distances, enabling me to set a threshold that excludes
trajectories shorter than 1 μm. The remaining trajectories were counted and binned as
described for the cortical dots (figure 4.7b). Interestingly, there seems to be no apical
enrichment of cortical trajectories. However, since the trajectories have to be longer than 1
μm and given the geometry of the cell apex, it is likely that within 1μm of movement, the
For2A-GFP dot moves out of the TIRF imaging plane, even though it is along the cortex.
Therefore, I am likely underestimating the amount of linear trajectories at the very apex of
the cell.

Figure 4.7. Cortical For2A-GFP dots are apically enriched. A. Measurements of For2A-GFP cortical dot
densities at various distances from the tip reveal a tip-ward gradient of For2A. B. Quantification of For2AGFP linear trajectories at the tip versus the rest of the cell show there is no tip-ward enrichment of active
For2A.

For2A-GFP trajectories are preferentially tip-ward directed
The apical enrichment of cortical dots, but the absence of an enrichment in apical
trajectories, raises the question of whether the software picks up all the trajectories. To
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address this I manually identified trajectories and plotted them as kymographs to verify the
parameters (figure 4.8a). The trajectories found manually are of a remarkably consistent
length and speed (figure 4.8b). In some instances I see For2A trajectories overlap within a
short amount of time (figure 4.8a) as reported before, suggesting a mechanism for actin
filament bundling (chapter 2). Analysis of the kymographs suggests that the parameters I
set for our automatic analysis are, if anything, lenient and are more likely to pick up more
than fewer trajectories. Thus, minimizing the possibility that trajectories are missed due to
too stringent parameter settings.
Another explanation is that For2A apical dots are more numerous, yet less dynamic
than for2A dots further back in the cell. To test this, I compared For2A cortical dot dynamics
at the apex (0-10 µm from the tip) to For2A cortical dot dynamics further back in the cell
(10 μm-cell end) using the correlation coefficient analysis (figure 4.8c). Interestingly, there
is no difference in dynamics between the two populations of cortical dots. I also compared
the average trajectory length and speed of the apical trajectories with the rest of the
trajectories and found that the apical For2A trajectories are both shorter (figure 4.8d) and
slower (figure 4.8e) than trajectories further back in the cell. Despite this difference being
significant, the shorter and slower trajectories still fall well within our set parameters, so
the likelihood of missing apical trajectories as a result of this is small.
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Figure 4.8. For2A-GFP linear trajectories are predominantly tip-oriented. A. Example kymographs of For2AGFP movement along the cortex. Occasionally, two formin dots can be seen moving along the same trajectory
(top panels). B. Quantification of the For2A-GFP speed (red bar) and average trajectory length (blue bar)
from kymograph measurements. C. Quantification of cortical dot dynamics shows that apical dots are not
more dynamic than dots elsewhere in the cell. D. Quantification of trajectory length at the apex compared to
the rest of the cell. Letters above the bars indicate statistical groups. E. Quantification of trajectory speed at
the apex compared to the rest of the cell. Letters above the bars indicate statistical groups. F. Quantification
of the tip-ward/base-ward bias. For2A-GFP trajectories are significantly more tip-ward directed than baseward. Letters above the bars indicate statistical groups.

For2A-GFP linear trajectories are evenly distributed along the cell cortex, but
concentration of the For2A cortical dots can in part be explained by the presence of a
tipward trajectory bias, that directs cortical For2A dots toward the cell apex. To determine
trajectory orientation, I plotted the speed vectors of the trajectories onto a polar graph
using NIS elements (figure 4.6e). With the cell apex angle to the horizontal I can then
determine the amount of trajectories per quadrant (tip directed, base directed, left directed,
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right directed) (figure 4.6d and 4.6f). I found that significantly more trajectories are tip
directed than base directed (figure 4.8f). This indicates that For2A preferentially
polymerizes actin filaments towards the cell tip. There are far fewer trajectories going to
either the left or the right side of the cell, which again is probably due to the cell roughly
being cylindrically shaped and the trajectories going out of the field of imaging. Similarly,
linear trajectories will be going out of the field of imaging at the very tip of the cell, resulting
in an underestimation of the amount of trajectories at the tip and, since it will be
predominantly tip directed trajectories that will be underrepresented, an underestimation
of the tip-ward bias at the very tip of the cell. Together, our results indicate that For2A-GFP
preferentially polymerizes actin filaments towards the tip of the cell, possibly to focus
endocytosis to the growing apex (figure 4.9).
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Discussion
My data help define functional differences between class I and class II formins. I find
that class I formins localize to areas of high membrane dynamics, but not to endocytic spots.
In contrast, For2A also localizes to areas of high membrane dynamics, and does colocalize
with endocytic spots. The slight differences in localization between these formins likely are
the result of the different N-terminal domains. For1D has a transmembrane domain but not
a signal peptide, as For1A does. For2A has an N-terminal PTEN domain with which it
specifically binds to the phosphoinositide PI(3,5)P2. Binding PI(3,5)P2 is necessary for
localization and for its function. I hypothesize that binding PI(3,5)P2 targets For2A to
endocytic spots on the cortex.
The observation that For1A and For1D do localize to areas with high membrane
dynamics, but not to endocytic spots, suggests that class I formins might be involved in
exocytosis. Another class I formin, For1F, has an N-terminal Sec10 domain (chapter 3). For
For1F I have shown that this protein is involved in exocytosis and is likely a part of the
exocyst complex. Moreover, deletion of For1F is lethal, but can be rescued by
overexpression of For1D, indicating that For1D and For1F have similar functions. This
suggests that class I formins are involved in exocytosis. Since the class II formin For2A
colocalizes and travels with endocytic spots, and the class I formins are involved in
exocytosis, this indicates that the two classes of formins are involved in two opposite
membrane remodeling processes. Indeed, For2A is unable to rescue the deletion of the
essential exocytosis formin For1F (chapter 3), indicating that the two classes are involved in
different processes.
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Figure 4.9. Model for Class I and Class II formin function. For1A is enriched at the tip, close to where the
actin spot is. In addition it also localizes elsewhere on the plasma membrane and likely to the Golgi. Since
For1A is on the membrane, but associated with the actin spot, it is possible that For1A generated actin
contributes to the actin in the actin spot. For1D localizes evenly along the membrane and, based on the
dynamics data, might interact with microtubules. Since I do not see it produce actin along the cortex I
hypothesize that For1A and For1D are making actin into the cytoplasm, rather than along the cortex. For1A
and For1D are associated with exocytosis. Conversely, For2A is associated with endocytic spots, and For2Amediated actin polymerization localizes endocytic vesicles or endocytic membrane domains to the cell tip. In
the tip, For2A localizes to the actin cloud, but might not be active.

The two classes of formins also interact differently with the cytoskeleton. For2A
moves in linear trajectories while polymerizing an actin filament and this movement is
dependent on actin. For2A is seen moving through the cell while polymerizing an actin
filament, indicating this is a processive formin (chapter 2, figure 4.9). For1D is previously
shown to nucleate and slowly elongate actin filaments in vitro, but it is unclear whether this
formin is processive (van Gisbergen and Bezanilla, 2013; Vidali et al., 2009b). The rate of
actin polymerization of For1D is approximately six times slower than that of For2A (Vidali
et al., 2009b). For2A cortical dynamics do not change upon oryzalin treatment, indicating
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that for its dynamics, For2A does not need to interact with microtubules. Strikingly, the
dynamics of the class I formins depends on both the actin cytoskeleton and microtubules.
This suggests that these formins connect the two cytoskeletal systems (figure 4.9). Indeed,
in Arabidopsis thaliana and Oryza sativa formins have been found that bind microtubules,
albeit that in both systems the interaction with microtubules is not limited to class I
formins. The slower movement along the cortex and the absence of polymerized actin in its
wake could suggest movement with a growing microtubule, but the precise interaction
between class I formins and microtubules remains to be studied.
It is not clear whether there is a higher density of For2A trajectories in the region
near the cell apex, due to the shape of the tip. Trajectories following the cell cortex will
rapidly travel out of the field of focus of the TIRF microscope. As a result, I am likely
underestimating the amount of trajectories present at the very apex of the cell.
Nevertheless, a small majority of trajectories are found directed towards the cell tip,
suggesting that For2A is involved in recycling endocytic vesicles towards the cell tip, or in
creating an actin array that is predominantly oriented with the barbed ends towards the tip.
This is significant because myosin XI, that is shown to be important for tip growth, is a
barbed end directed motor. However, the observed bias is small. This bias might be more
significant closer to the very apex of the cell, but since the cell apex is dome-shaped and the
tip is thus away from the cover slip, I am unable to image this using TIRF microscopy.
Taken together, class I formins and class II formins are involved in different parts of
membrane trafficking. Class I formins are likely involved in exocytosis, where For1D
decorates the entire plasma membrane and For1A is delivered to exocytic areas via exocytic
vesicles (figure 4.9). This will enrich class I formins to the sites of exocytosis, although there
function there remains to be elucidated. Class II formins are involved in endocytosis and
their cortical concentrations are enriched towards the cell tip. Moreover, active For2A is
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traveling more towards the cell tip than away from it, which might be to recycle polarity
factors back to cell tip to maintain polarity. These results reveal new insights in the
interplay between membrane and cytoskeletal dynamics.
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CHAPTER 5

DISCUSSION

My dissertation work has significantly furthered our knowledge on the function of
the formin protein family in plants. Using Physcomitrella patens as a model system, with its
relatively small formin family of proteins, I was able to define the function of the PTEN
domain in class II formins and their necessity to bind a specific phospholipid to function and
that For2A polymerizes actin filaments in vivo (chapter 2). Also, I found a link between the
cytoskeleton and secretion through an essential class I formin, For1F. For1F is part of a
tethering complex involved in exocytosis and forms a direct link between the actin
cytoskeleton and exocytosis in plants (chapter 3). This, combined with localization studies
of representatives of both the class I and class II formins revealed that class I and class II
formins have functionally diversified, where class I formins are involved in exocytosis and
class II formins in endocytosis. Since class II formins, not class I formins are necessary for
polarized growth, my work suggests that polarizing endocytosis, and perhaps not
exocytosis, is what drives polarized growth in plant cells.

Class I formins and exocytosis
Plant cell growth requires the exocytosis of new cell wall material, and the delivery
of vesicles carrying this material to the cell surface. The class I formin For1F is involved in
exocytosis and interacts both with actin and the exocyst complex. This provides a direct
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way of connecting actin mediated vesicle delivery to exocytosis. For1F is an essential gene,
making it difficult to study. By simultaneously transforming a For1F knock-out construct
and an expression construct, I showed that the Sec10 and formin parts of For1F do not need
to be fused to ensure survival and also that expression of either part is sufficient for
viability. Using a similar approach I showed that expression of For1D or Sec10b can also
rescue the absence of For1F. This suggests that Sec10 and formin proteins, that are not part
of For1F, weakly interact and that the presence of enough of either can overcome the
absence of having both on the same protein. This normally is not the case, since, besides the
cortical population, fluorescently tagged For1A and For1D are predominantly visible in the
caulonemal tip cell, not the subapical cells. This is supported by expression data from the
eFP browser (figure 3.2). Rescue of a For1F knock-out by For1D is the result of ectopic
expression in apical and subapical cells. However, the possibility of a transient interaction
suggests that class I formins and the exocyst complex likely interact in plants without a
physical fusion. These data also indicate that, since For1D can rescue For1F function, other
class I formins besides For1F can be involved in exocytosis. Supporting this, I also found
that For1A, For1D and For1F do not colocalize with FM4-64 labeled endocytic sites (chapter
3).

Class I formins and class II formins have functionally diversified
Interestingly, it was not possible to rescue the knock-out of For1F with For2A
(chapter 3), providing another line of evidence that class I and class II formins have distinct
functions, besides the distinct RNAi phenotypes (Vidali et al., 2009b). Contrary to the class I
formins, For2A does localize to endocytic sites (chapter 4). Given that For1F is involved in
exocytosis, that For1D can complement loss of For1F function and that For2A localizes to
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endocytic sites, I propose that class I formins are involved in exocytosis, and class II formins
are involved in endocytosis.
Further evidence for distinct mechanistic functions of class I and class II formins
comes from cortical dynamics studies. I found that the dynamics of class I formins are
mostly affected by the microtubule depolymerizing drug oryzalin (chapter 4), and only
For1F and For1A dynamics are inhibited by the actin depolymerizing drug latrunculin B
(chapter 3 and 4). For1D dynamics are increased by latrunculin B. This is surprising, since
For1D is shown to be able to produce filamentous actin in vitro (Vidali et al., 2009b). The
increased dynamics of For1D without actin suggest that For1D movement is not dependent
on polymerization of actin (in fact, its dynamics are negatively influenced by it). This holds
two possibilities; one is that For1D does not track the actin barbed end, suggesting that this
formin is a non-processive formin; the other possibility is that For1D does track the barbed
end and thus is a processive formin, but stays in the membrane. Contrary to the class I
formins, the dynamics of For2A are dramatically affected by latrunculin B, and not by
oryzalin (chapter 3 and 4). These data indicate that class I formins and class II formins are
involved in distinct membrane processes, and interact differently with the cytoskeleton.
So far, four other plant formins are thought to interact with microtubules (van
Gisbergen and Bezanilla, 2013). My work also indicates that class I formins can interact with
microtubules, as their dynamics are severely affected by the absence of microtubules. The
significance of this is yet unknown, but microtubule interaction of formins provides an
intriguing possibility of cross-talk between the actin and microtubule cytoskeletons. A
possibility would be a direct cross-linking of actin and microtubules, or polymerization of
actin filaments off of microtubules, as is suggested for AtFH4 (Deeks et al., 2010). It would
be interesting to see whether class I formins can bind microtubules directly.
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Interaction of class I formins with the actin cytoskeleton
By imaging formins and actin simultaneously on the plasma membrane with TIRF
microscopy, I revealed further distinctions between class I and II formins. In contrast to
For2A, class I formins were not observed to rapidly polymerize actin along the cortex
(chapter 3 and 4). However, class I formins do move through the cortex. It is possible that
these formins are not processive, or that they polymerize actin into the cytoplasm, rather
than along the cortex, which means it would be out of our imaging field in TIRF microscopy.
Alternatively, For1A and For1F could be nucleators, not elongators of actin filaments.
However, For1D was previously shown to elongate actin filaments in vitro. Given that plant
formins are known to have diverse effects on actin filaments, it would be interesting to
characterize class I formin interactions with actin in vitro. Biochemical characterization of
class I formins will provide a clue of what their interactions with actin in vivo might be.

Interaction of class II formins with the actin cytoskeleton
When bound to cortical lipid domains a subset of For2A was seen generating actin
filaments. Moreover, For2A is seen moving along the cortex while polymerizing an actin
filament, indicating that it tracks the barbed end of the filament it is polymerizing,
indicating it is a processive formin. This is supported by the absence of For2A movement
after treatment with Latrunculin B. Movement of For2A along the cortex while polymerizing
an actin filament happens in relatively linear trajectories.
Actin filaments generated by For1A were polymerized de novo, or along existing
actin filaments. Polymerization of actin filaments along existing actin filaments provides an
intriguing possibility of forming actin bundles. So far, it is unclear whether the orientation
of the first actin filament is able to dictate what the orientation of the second filament will
be, and it would be interesting to know whether For2A actually interacts with the actin

102

filament that it is moving along. Some indications of formins interacting with the side of
existing actin filaments comes from research on arabidopsis formins. The formins AtFH1
and AtFH8 have been shown to bind to the sides of actin filaments in vitro and induce
filament bundling (Michelot et al., 2005; Xue et al., 2011; Yi et al., 2005). Additionally, AtFH8
is also capable of severing actin filaments after side-binding. Whether For2A is capable of
binding to the side of an actin filament is as of yet unknown. It would be interesting to do an
in vitro actin bundling assay using purified For2A and prepolymerized actin to see whether
For2A itself bundles actin filaments directly.

Cortical For2A is enriched at the cell tip
Quantification of cortical For2A density over the length of the cell revealed that
there is an enrichment of cortical For2A within the first 10 μm from the apex in caulonemal
cells. Since cortical For2A dots travel in linear trajectories when polymerizing actin
filaments, and thus when they are active, I was able to quantify the activity of For2A at
various positions in the cell. Quantification of trajectory density did not show an increase of
For2A activity at the tip of the cell, but since the cell tip is dome-shaped and thus is further
away from the coverslip, we cannot see trajectories going into the very tip. Using spot
detection software to track For2A trajectories, trajectory orientation was quantified. I found
that cortical For2A preferentially polymerizes actin filaments towards the tip. However, the
difference between tip-ward trajectories and base-ward trajectories seen in the shank of the
cell is small. It is very well possible that the bias is greater in the very tip of the cell, but due
to the geometry of cell, these trajectories are out of the range of our TIRF imaging field.
Therefore, we are likely underestimating the bias at the tip of the cell.
Because For2A is a processive formin, and continuously tracks the barbed end of the
filament, this means that the actin filaments are predominantly positioned with their
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barbed ends towards the cell apex. Myosin XI is a barbed-end directed motor and, like
For2A, is essential for tip growth (Vidali et al., 2010; Vidali et al., 2009b). For2A mediated
tip-ward actin polymerization is therefore a likely candidate to provide the actin tracks on
which myosin XI transports the cargo to the cell apex. Unfortunately, due to the geometry of
the cell, we cannot visualize cortical myosin XI movement at the very apex, so this, though
an intriguing hypothesis, remains an open question.

Polarizing endocytosis is essential for polarized growth
For2A is enriched at the cell tip and localizes to FM4-64 labeled endocytic domains.
In addition to localizing to FM4-64 domains, For2A also travels with them. This movement
also happens in linear trajectories (chapter 4), and since the rate of movement is the same
as the rate of actin polymerization, thus likely also in the event of actin polymerization. This
suggests that endocytic domains are concentrated towards the cell apex. A high rate of
endocytosis is necessary at the tip because the deposition of exocytic vesicles for the
delivery of cell wall building blocks also introduces large amounts of excess membrane at
the apex. The excess membrane needs to be recycled back into the cell through endocytosis.
Interestingly, silencing class II formins, not class I formins, results in a loss of
polarized growth (chapter 1). Since For2A localizes to and tracks with endocytic sites, my
results suggest that endocytosis, rather than exocytosis, is important for the polarization of
growth. Class I formin mediated exocytosis provides the building blocks for growth at the
apex. For1D and For1F do not seem to be enriched at the cell tip, and it is possible that these
formins are involved in a more constitutive form of exocytosis, such as insertion of cellulose
synthases. For1A is enriched at the very apex and is putatively involved in the secretion of
vesicles that carry flexible cell wall material for polarized growth. Delivery of such vesicles
could be mediated by Myosin XI and could also carry polarity factors to positively enforce
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secretion at the apex. Polarity factors that mark the tip will, with the insertion of more
membrane at the apex, diffuse out over the dome of the tip and into the shank of the tip
growing cell. For2A tipward movement on endocytic sites provides a possible mechanism to
recycle polarity factors back into the cell and then out to the very tip, so they stay
concentrated at the tip. A loss of class II formins would mean a loss of the concentration of
polarity factors and a subsequent loss of focused exocytosis.

For2A speeds of actin polymerization are different in vivo from in vitro
Irrespective of directionality, For2A generates actin filaments at very high speeds
(Vidali et al., 2009b). The reason for polymerizing rapidly is not yet clear, although it was
found that a chimeric formin that polymerizes actin more slowly cannot fully rescue the loss
of polarized growth that results from class II formin RNAi. This indicates that rapid actin
polymerization is essential to the function of For2A. Measurements of the in vitro actin
polymerization speeds of For2A indicate a polymerization speed of 115 actin subunits per
second, which corresponds to about 800 nm per second, while my in vivo quantifications of
For2A speed show that at the cell cortex, For2A moves at around 1800 nm per second
(chapters 2 and 4). This more than two fold difference is intriguing and suggests that in the
cell other proteins are able to amplify formin speed. One can imagine this can be done by
more efficiently supplying actin monomers or by stimulating the processivity of the formin.
This provides an interesting possibility for a formin interacting protein as an amplifier of
actin polymerization.

The For2A PTEN domain is not expected to regulate activity directly
An initial candidate for modifying For2A activity was the N-terminal PTEN domain.
The PTEN domain is homologous to the human PTEN protein, that was shown to bind
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PI(4,5)P2. Lipid competition assays were used to show that the class II formin PTEN domain
preferentially binds the phosphoinositide PI(3,5)P2, not PI(4,5)P2 (chapter 2). Binding
PI(3,5)P2 is essential for the function of For2A. Previously we have shown that the For2A
FH1FH2 domains are an active formin in vitro, but that this cannot complement the loss of
polarized growth after knock-down of class II formins (Vidali et al., 2009b). This indicates
that FH1FH2 is intrinsically active, and that something in the PTEN domain is necessary for
its regulation. One possibility is that, analogous to the autoinhibition of yeast formins, the
PTEN domain folds back on the FH1FH2 domain, rendering it inactive until it binds
PI(3,5)P2. This however, seems unlikely, since there is still a large population of formin on
the cortex, presumably bound to PI(3,5)P2, that is inactive. Moreover, substitution of the
PTEN domain by a structurally unrelated PI(3,5)P2 binding domain forms a functional
formin. If autoinhibition would be present, such a domain is unlikely to convey
autoinhibition and would leave the formin constitutively active. Since overexpression of
For2A is lethal (Vidali et al., 2009b), this too is an unlikely way of regulating this formin. The
specificity of phosphoinositide binding, and not otherwise targeting to the membrane,
suggests that binding to PI(3,5)P2 lipid domains is important. I hypothesize that an
interactor of For2A, be it an activator or deactivator, or both, also resides on PI(3,5)P2
domains.

Finding a formin regulator
Of all the cortical formin, only 14% generates actin filaments (chapter 2). This
means that most cortical For2A is inactive and thus needs to be activated. To date, no
regulatory mechanism of plant formins is known. In yeast and mammalian systems the
regulation of formins is relatively well understood, but unfortunately, there are no
identifiable homologs of any of the known formin-interacting proteins present in plants.
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Since plant formins also lack the regulatory domains yeast and mammalian formins have
(see introduction), it is likely that they exhibit different modes of regulation. To date, the
only identified protein to interact with plant formin, besides actin and profilin, is formin
interacting protein 2 (FIP2) (Banno and Chua, 2000), which was identified in a yeast-2hybrid screen. The originally identified FIP2 protein is currently named FIP1, as the name
FIP2 is given to an unrelated protein. FIP1 interacts with AtFH1 directly and is a protein of
unknown function. FIP1 contains a PH-like GRAM domain, which is a domain reminiscent of
myotubularin (MTM) and involved in phosphoinositide binding (Robinson and Dixon,
2006). I think the next big question for plant formins is to find the proteins that regulate
their function.
The FH1FH2 domains provide a direct target for For2A regulation. In search for an
interactor I hypothesize that inhibition of the access of profilin-actin complex to the polyproline rich FH1 domain can interfere with For2A function and regulate For2A function.
Poly-proline regions form a reasonable target, since many protein domains are known to
interact with poly-prolines, such as SH3 domains and WH2 domains. I searched the P.
patens genome for proteins with SH3 or WH2 domains and found nine SH3 domain
containing proteins and one WH2 domain containing protein. Interestingly, five of the nine
SH3 domain containing proteins also include an F-BAR domain. This is a domain that binds
phosphoinositides, preferably on curved membranes. Additionally, I found ten GRAM
domain containing proteins. In an attempt to identify an interactor, I took a dual approach; I
constructed a cDNA library for moss to do a yeast-2-hybrid screen with For2A, and I cloned
a subset of the mentioned genes to subject them to a directed yeast-2-hybrid assay with
For2A. The full scale yeast-2-hybrid failed twice, probably due to the substandard quality of
the library I generated. For the directed yeast-2-hybrid, I cloned the SH3 domain containing
proteins, the WH2 domain containing protein, the 6 GRAM domain containing proteins with
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closest homology to FIP2 and the three FAB1 kinases (chapter 2). I subjected them to
directed yeast-2-hybrid with For2A, but failed to find any interactors. I repeated this with
For1D and For1F and found weak interactions between the class I formins and an SH3
domain containing protein and an SH3/F-BAR domain containing protein. These results are
as of yet unconfirmed. To continue the search for interactors I recommend to do pull-down
assays followed by tandem mass spectrometry.
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CHAPTER 6

MATERIALS AND METHODS

Imaging cell division by confocal laser-scanning microscope (CLSM)
Moss plants were inoculated on top of a thin layer of PpNO3 growth medium (1.03
mM MgSO4, 1.86 mM KH2PO4, 3.3 mM Ca(NO3)2, 45 µM FeSO4, 9.93 µM H3BO3, 220 nM
CuSO4, 1.966 µM MnCl2, 231 nM CoCl2, 191 nM ZnSO4, 169 nM KI, 103 nM Na2MoO4) in a
growth chamber with a cover slide glued to the bottom and grown for 7-10 days (Hiwatashi
et al., 2008). After 7-10 days, many protonemal cells reach the cover slide and therefore can
be imaged with a confocal laser scanning microscope (CLSM). The chamber was mounted on
a Nikon C1 confocal microscope with a Nikon 1.45 NA 60x oil immersion objective equipped
with photomultiplier tube (PMT) detectors. A 488 nm argon laser with 1% power was used.
To image cell division, long protonemal cells were chosen and imaged for several hours at
room temperature until cell division was completed. Image acquisition and 3D
reconstruction of acquired images were conducted using Nikon EZ-C1 3.80 software.
Subsequent imaging processing, which included smoothing and contrast enhancing, was
performed with ImageJ.
For longer imaging experiments, imaging chambers were used. Imaging chambers
are microfabricated polydimethylsiloxane (PDMS) devices that are bonded to a coverslip
that is glued over a hole in the bottom of a 3cm Petri dish. Chambers are soaked overnight
in Hoaglands medium, after which ground tissue is inserted into the PDMS chamber. Plants
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were allowed to recover for 3-7 days, after which the chambers were mounted on the
microscope. Images for each channel were acquired simultaneously on a Nikon A1R
confocal microscope system with a 1.4 NA 100× oil immersion objective (Nikon) at room
temperature. 488 and 561 nm laser illumination was used for GFP/FM4-64 and mCherry
excitation, respectively. Emission filters were 525/50 nm for GFP and 595/50 for
mCherry/FM4-64. Image acquisition was controlled by NIS-Elements software (Nikon).

Spinning-disc confocal microscopy
One-week old protonemal cells in imaging chambers were mounted on a Nikon Ti-E
inverted microscope equipped with a Yokogawa CSU-X1 spinning disk head and a 512x512
Andor iXON electron multiplying CCD camera. Images were collected with a Nikon 1.4 NA
60x oil immersion objective at room temperature. 30% laser power was used for both 488
and 561 lasers. The electron gain was 300 and exposure time was 200 msec. Image
acquisition process was controlled by Metamorph software (Molecular Devices) and images
were further processed with ImageJ as described above.
To image cell division, long protonemal cells were chosen and imaged for
several hours at room temperature until cell division was completed. Image acquisition and
3D reconstruction of acquired images were conducted using EZ-C1 3.80 software (Nikon).
Subsequent imaging processing, which included smoothing and contrast enhancing, was
performed with ImageJ (National Institutes of Health).

FM4-64 treatment and imaging
Moss cells growing in the imaging chamber were incubated with 20 µM FM4-64
(Calbiochem) diluted in Hoagland’s medium (4 mM KNO3, 2 mM KH2PO4, 1 mM Ca(NO3)2, 89
µM Fe citrate, 300 µM MgSO4, 9.93 µM H3BO3, 220 nM CuSO4, 1.966 µM MnCl2, 231 nM CoCl2,
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191 nM ZnSO4, 169 nM KI, 103 nM Na2MoO4, 1% sucrose) for 5 min and then washed three
times with Hoagland’s medium to remove excess FM4-64. The plant was then imaged and
processed as described above. The emission was collected with both 515/30 nm and
605/75 nm filter sets for GFP and FM4-64 signals, respectively.

Plasmid construction
Lifeact-mCherry was constructed by assembling Lifeact –L1L5r (Vidali et al., 2009a)
and mCherry-L5L2 into pTHUbi-gate (Vidali et al., 2007). To generate mCherry-L5L2, the
mCherry coding sequence was amplified using mEGFP primers with attB5 and attB2 sites
and cloned into pDONR221-P5-P2 (Invitrogen) using a BP reaction.
To clone PTENA and PTEND, total RNA was first isolated from one-week-old moss
protonemal tissue, using the RNeasy plant mini kit (Qiagen), according to the
manufacturer’s recommendations. Total cDNA was generated using oligo(dT) and
SuperScript II Reverse Transcriptase (Invitrogen) following the manufacturer’s protocol.
Full-length cDNAs of PTENA and PTEND were amplified from total cDNA with primers
designed to amplify the open reading frame.
For PTEN-GST, GST was amplified from pGEX2tk with primers incorporating EcoRI
and XhoI sites and subsequently cloned into pET21, generating pET21-GST. PTEN was
amplified from PTEN-pENT with primers incorporating NdeI and EcoRI sites and cloned
into pET21-GST. For GST-PTENA and GST-PTEND fusion proteins, cDNAs were first cloned
into pENTR-D-Topo (Invitrogen). These entry clones were then transferred to pDEST15
(Invitrogen) using an LR reaction. To generate PTENA-GFP and PTEND-GFP, the coding
sequences were amplified from PTENA-pENT and PTEND-pENT, respectively with primers
incorporating specific attB sites and transferred into pDONR221-P1-P5r using a BP clonase
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reaction. PTENA-L1L5r was assembled with mEGFP-L5L2 (Vidali et al., 2009b) into pTHUbigate (Vidali et al., 2007) using LR clonase to generate PTENA-GFP and PTEND-GFP.
All complementation constructs were constructed using Multisite Gateway 3fragment recombination (Invitrogen). All entry clones were verified by sequencing.
Essentially, HsPTEN, MTM1, MTM1*, PTENA, PTEND, PH, TAPP1, 2XFYVE, and ScAtg18
were amplified using primers containing attB1 and attB4 sites. MTM1 and MTM1* were
amplified from pCDNA3.1(+)-NF-hMTM1 and pCDNA3.1(+)-NF-hMTM1 (C375S) plasmids
(Robinson and Dixon, 2006; Taylor et al., 2000). PTENA, and PTEND were amplified from
PTENA-pENT and PTEND-pENT, respectively. Human TAPP1 was amplified from pCMVTaq-nMyc-hTAPP1 (Marshall et al., 2002). Atg18 was amplified from Saccharomyces
cerevisiae genomic DNA. The 2XFYVE and PH sequences were amplified from genomic DNA
isolated from A. thaliana lines stably expressing YFP-2XFYVE and YFP-PH (PLCδ1) (Van
Leeuwen et al., 2007; Vermeer et al., 2006). Human PTEN (HsPTEN) was amplified by RTPCR from Hela cells. Total RNA and cDNA of HeLa cells were generated similarly as
mentioned above. All PCR products were transferred into pDONR221-P1-P4 using a BP
clonase reaction. Resulting entry clones were assembled with 2AFH1-L4L3 and 2AFH2L3L2 (Vidali et al., 2009b) or 2AFH2-3XFLAG-L3L2 in a 3-fragment recombination reaction
into pTHUbi-gate using LR clonase. To generate 2AFH2-3XFLAG-L3L2, 3 tandem copies of
the FLAG epitope were incorporated into 2AFH2-L3L2 using megaprimer PCR (Barik,
1997).
To generate MTM1*-FH1FH2-3XGFP, a BssSI site from the 5’ region of MTM1*-L1R5
was removed first using site-directed mutagenesis with primers listed in Table S1. Then, a
BssSI site was incorporated at the 3’ end of MTM1* using PCR with primers listed in Table
S1. Taking advantage of a BssSI site in the vector sequence, the new MTM1* clone was
digested with BssSI to remove MTM1* from the L1R5 backbone vector. The full length
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coding sequence of For2A in pENTR-D-TOPO (For2A-pENT) (Vidali et al., 2009b) was
digested with BssSI removing sequences of the vector and the entire PTEN domain. The
BssSI MTM1* fragment was then cloned into For2A-pENT digested with BssSI, generating
MTM1*-FH1FH2-pENT. To move this clone into the two-fragment Multi-Site Gateway entry
clones, the L2 site from pENT had to be replaced with an R5 site. This was done by first
generating an FH2-L1R5 clone by PCR amplification and BP clonase reaction. A SmaI and
EcoRV fragment from MTM1*-FH1FH2-pENT was replaced with the equivalent fragment
from the FH2-L1R5 construct, resulting in replacement of the L2 site with an R5 site and
generation of MTM1*-FH1FH2-L1R5. All clones were verified by sequencing. MTM1*FH1FH2-L1R5 was then recombined with 3XmEGFP-L5L2 using LR clonase to generate
MTM1*-FH1FH2-3XGFP.
To generate the FAB1-RNAi constructs, using primers listed in Table S2 I amplified a
400 bp fragment from the first exon of FAB1-A (Pp1S65_215V6) from moss genomic DNA.
This fragment has high sequence identity with FAB1-B (Pp1S36_196V6). FAB1-C
(Pp1S26_208V6) differs significantly in sequence. FAB1-C is encoded by a gene with no
introns, so using primers listed in Table S1 I amplified 400 bp from the 5’ end of the coding
sequence from genomic DNA. Amplified fragments were cloned into pENT-D-TOPO and
sequenced. Subsequently, the fragments were cloned into pUGGi (Bezanilla et al., 2005)
with an LR reaction to generate the RNAi constructs, FAB1-AB-RNAi and FAB1-C-RNAi.
To clone full length For1D and Sec10b, total RNA was first isolated from 1-wk old
moss protonemal tissue, using the RNeasy plant mini kit (QIAGEN), according to the
manufacturer’s recommendations. Total cDNA was generated using oligo(dT) and
SuperScript III Reverse transcription (Invitrogen) following the manufacturer’s protocol.
Full-length cDNAs of For1D and Sec10b were amplified from total cDNA with primers
designed to amplify the open reading frame (Table S1) and transferred into pENTR-D-
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TOPO. An LR recombination reaction with pTH-UBI-gate was done to generate
overexpression constructs with For1D or Sec10b.
To generate the Sec10 and formin parts of the For1F complementation constructs,
cDNA was made as described above, with primers specific to the Sec10 part or the Formin
part of For1F. For full length For1F, amplifying from cDNA did not work. Instead, I amplified
the large exon containing the FH1 domain from genomic DNA and cloned it into pENTR-DTOPO to generate pENT-FH1. Next, I cloned the region C-terminal of the FH1 poly-proline
region into pENTR-D-TOPO to generate pENT-FH2. The Sec10 part was created by PCR from
cDNA from the start codon until just upstream of the poly-proline regions of the FH1
domain, to generate pENT-Sec10. Both pENT-FH1 and pENT-FH2 were then cut with
BanI/AscI, and the drop-out of the pENT-FH2 digest was ligated into the backbone of the
pENT-FH1 digest. BanI cuts pENT-FH2 twice, resulting in a small BanI/BanI fragment that
was ligated in and screened for orientation after the ligation of the FH2 part into pENT-FH1.
This resulted in pENT-FH1FH2. pENT-FH1FH2 and pENT-Sec10 were then cut with
NdeI/AscI and the drop-out of pENT-FH1FH2 was ligated into the backbone of pENT-Sec10
to generate pENT-For1F, which represents a full length coding sequence gene of For1F.
All complementation constructs were constructed using Multisite Gateway 2fragment recombination (Invitrogen). All entry clones were verified by sequencing.
Essentially, the Sec10 part, the formin part and the full length For1F were amplified from
the above described constructs using primers containing attB1 and attB5r sites and (Table
S1). All PCR products were transferred into pDONR221-P1-P5r using a BP clonase reaction.
Resulting entry clones were assembled with 3XFLAG-L5L2 in a 2-fragment recombination
reaction into pTHUbi-gate using LR clonase II plus. To generate the For1F knock-out
construct, using primers listed in Table S2, I amplified a 1000 bp fragment immediately
upstream of the start codon and 1000 bp downstream of the stop codon of For1F (targeting
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arms). These fragments were cloned into pDONR221-P1-P4 and pDONR221-P3-P2
respectively and were verified by sequencing. The resulting pENT-5’arm and pENT-3’arm
were recombined with pENT-G418 and pTH-UBI-gate to make pTH-UBI-For1F-KO. Plasmids
were digested over night with SwaI to obtain linear fragments needed for homologues
recombination. Upon transformation into moss, the targeting arms will recombine and
replace the For1F locus with a G418 resistance cassette.
Constructs used to fluorescently tag For1A, For1D, For1F and Sec6 were made
similarly. For all, a region 1000 bps directly upstream and downstream of the stop codon
was amplified and cloned into pDONR221-P1-P5r and pDONR221-P3-P2 respectively. For
tagging For1A, For1D and For1F, these were recombined with pGEM-gate, pENT-P5-P43xmEGFP and pENT-P4r-P3r-HYG (hygromycin resistance cassette), for tagging Sec6, these
were recombined with pGEM-gate, pENT-P5-P4-3xmRUBY2 and pENT-P4r-P3r-G418 (G418
resistance cassette). The resulting plasmids were digested with SwaI to make linear
targeted pieces for homologues transformation and transformed into moss.

Tissue culture, protoplast transformation, and complementation analysis
All tissue culture and transformations were performed as previously described
(Bezanilla et al., 2003; Bezanilla et al., 2005; Vidali et al., 2007; Vidali et al., 2009b) with
minor modifications described as follows. Protoplasts were transformed at a concentration
of 2 x 106 protoplasts/mL. For isolation of stable transformants, protoplasts were
regenerated with top agar (1.03 mM MgSO4, 1.86 mM KH2PO4, 3.3 mM Ca(NO3)2, 2.7 mM
(NH4)2-tartrate, 45 µM FeSO4, 9.93 µM H3BO3, 220 nM CuSO4, 1.966 µM MnCl2, 231 nM CoCl2,
191 nM ZnSO4, 169 nM KI, 103 nM Na2MoO4, 6% mannitol, 10 CaCl2). For transient analysis,
protoplasts were plated in 0.5 mL of PpNH4 culture medium (1.03 mM MgSO4, 1.86 mM
KH2PO4, 3.3 mM Ca(NO3)2, 2.7 mM (NH4)2-tartrate, 45 µM FeSO4, 9.93 µM H3BO3, 220 nM
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CuSO4, 1.966 µM MnCl2, 231 nM CoCl2, 191 nM ZnSO4, 169 nM KI, 103 nM Na2MoO4)
supplemented with 8.5% mannitol and 10 mM CaCl2. Transformed plants were selected 4
days after transformation on PpNH4 medium with 0.7% agar containing hygromycin (15
µg/mL) and imaged 7 days after transformation.
For FAB1-RNAi, transformations were performed similarly. To silence all the three
FAB1 genes, 30µg of FAB1-AB-RNAi plus 30 µg of FAB1-C-RNAi were used simultaneously. 4
days after transformation the plants were transferred to PRMB medium containing
hygromycin (15 µg/mL) and 13µM latrunculin B. 7 days after transformation plants were
moved to PpNH4 medium containing hygromycin (15 µg/mL) and plants were imaged 10
days after transformation.
Plants were imaged at room temperature with a 1X lens at 63X zoom on a
fluorescence stereomicroscope (Leica MZ16FA) equipped with a color camera (Leica
DF300FX) using the GFP2 filter set (Leica). Plant area and morphometric parameters were
measured as described previously (Vidali et al., 2007). Briefly, a 24-bit RGB image of a 1week-old plant was manually cropped, and the red channel corresponding to the
chlorophyll autofluorescence was separated. Fluorescence was thresholded using maximum
entropy (ImageJ). Total plant area and circularity were determined from the thresholded
images. Circularity is the plant area divided by the square of the perimeter. Statistical
analyses were performed as previously described (Vidali et al., 2007) except that analysis of
variance for multiple comparisons was done on Kaleidagraph (Synergy). Area was log
transformed to achieve normal distribution. The possibility of differences between
experiments was assessed and none were found. Pairwise comparisons are corrected for
multiple tests using Kramer's procedure so that the overall α level is 0.05 (Kramer, 1956).

Protein Extraction and Immunoblotting
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To verify expression from constructs that do not rescue the formin-RNAi phenotype,
epitope tagged constructs were transformed into moss protoplasts. After transformation,
protoplasts were incubated in 6 mL of plating medium (PpNH4 + 8.5% Mannitol) for 3 days.
Protoplasts were then harvested and resuspended in 400 µL grinding buffer (100mM
Na3PO4, 10mM DTT, 20µg/ml Leupeptin, 20% Glycerol, 250mM PMSF), supplemented with
Complete mini EDTA-free protease inhibitor cocktail tablets (Roche) (1 tablet per 5 mL).
Lysis was done by 3 freeze-thaw cycles in liquid nitrogen. Cell debris was spun down and
the supernatant was precipitated with methanol/chloroform. For immunoblotting, both the
pellet and precipitated supernatant were solubilized in sample buffer (175 mM Tris base,
2.5% SDS, 80 mM DTT, and 7.5% glycerol). 80% of the sample was loaded, separated on a
6% SDS-PAGE gel and transferred to a nitro-cellulose membrane.
For 3XFLAG immunoblots, membranes were probed with a monoclonal anti-FLAG
antibody (Sigma). For GFP immunoblots, the membranes were probed with polyclonal
rabbit anti-GFP antibody. The anti-GFP polyclonal rabbit antibody was raised against Histagged GFP and affinity purified. For immunoblots, the membrane was blocked with 5%
nonfat dry milk dissolved in TBS-T (25mM Tris-HCl pH 7.5, 150mM NaCl and 0.1% Tween20) at 25°C for 1 hr. After five washes with TBS-T for 5 min, the membrane was incubated
with primary antibody (1:5000 dilution with 1% BSA in TBS-T) at 25°C for 2 hrs. After five
washes with TBS-T for 5 minutes, the membrane was incubated with horseradish
peroxidase conjugated secondary antibody (1:100,000 dilution for 3XFLAG immunoblots;
1:5,000 dilution for GFP immunoblots) at 25°C for 1 hr. The unbound secondary antibody
was washed five times for 5 minutes with TBS-T. For 3XFLAG immunoblots, SuperSignal
West Femto (Thermo Scientific) was used according to manufacturer’s recommendations.
Chemiluminescence emission was detected with a gel dock system equipped for
chemiluminescence detection (Biorad).
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For protein extraction from stable moss lines, moss protonemal tissue was dried on
a paper towel and weighed. Lysis was done by grinding in liquid nitrogen. Ground tissue
was then resuspended in 400 µl grinding buffer (50 mM HEPES, 150mM NaCl, 10mM EDTA,
2 mM DTT, 20 µg/ml leupeptin, 2.5% SDS, and 2 mM PMSF), supplemented with Complete
mini EDTA-free protease inhibitor cocktail tablets (1 tablet per 5 ml; Roche) and 0.1%
casein. Cell debris was spun down and the supernatant was precipitated with
methanol/chloroform. For immunoblotting, the pellet fraction was first resuspended in 6M
urea with 1% Triton X-100. The precipitated supernatant was solubilized in sample buffer
(175 mM Tris base, 2.5% SDS, 80 mM DTT, and 7.5% glycerol). 80% of the sample was
loaded, separated on a 6% SDS-PAGE gel, and transferred to a nitrocellulose membrane. For
immunoblotting, protein extract was separated by SDS-PAGE and transferred to a
nitrocellulose membrane and probed with polyclonal rabbit anti-GFP antibody. The antiGFP polyclonal rabbit antibody was raised against His-tagged GFP and affinity purified. For
immunoblots, the membrane was blocked with 5% nonfat dry milk dissolved in TBS-T (25
mM Tris-HCl, pH 7.5, 150 mM NaCl, and 0.1% Tween 20) at 25°C for 1h. After five washes
with TBS-T for 5 min, the membrane was incubated with primary antibody (1:5,000
dilution with 5% nonfat dry milk in TBS-T) at 4°C for 16h. After five washes with TBS-T for
5 min, the membrane was incubated with horseradish peroxidase–conjugated secondary
antibody (1:5,000 dilution) at 25°C for 1 h. The unbound secondary antibody was washed
five times for 5 min with TBS-T. SuperSignal West Femto (Thermo Fisher Scientific) was
used according to the manufacturer’s recommendations to detect chemiluminescence
emission with a gel dock system equipped for chemiluminescence detection (GE healthcare
life sciences ImageQuant LAS 500).
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Protein expression and purification
All proteins were expressed in Rosetta (DE3) pLysS strain (Novagen) and induced
with the Inducer (KD Medical), an IPTG alternative. Bacteria were grown at 37°C until the
optical density of the culture at 600 nm was between 0.6-0.8. The culture was then chilled
on ice before adding the Inducer to 2.5 mg/mL. Protein induction was conducted at 20°C
overnight.
For GST fusion protein purification, cells were resuspended with column buffer (20
mM Tris-HCl, pH 7.5, 150 mM NaCl, 1 mM EDTA, and 1 mM DTT) plus 1mM final
concentration PMSF and 100µg/mL lysozyme and lysed by sonication. After clearing the cell
debris by spinning at 13,000rpm in a SS34 rotor (Thermo Scientific) for 15 min and filtering
through a 0.2µm filter, the supernatant was loaded onto a pre-equilibrated GST column
(Novagen) with column buffer. The column was washed with 15 column volumes of column
buffer, followed by 15 column volumes of 0.1% Triton-X100 in column buffer. Excess
Triton-X100 was removed by washing with 15 column volumes of column buffer. Protein
was eluted with column buffer supplemented with 100 mM reduced glutathione, pH7.5,
(Sigma).

Protein lipid overlay assay
All dipalmitoyl phosphoinositides were purchased from Echelon Biosciences (Salt
Lake City, UT). The assays were conducted following the protocol developed by Dowler et al
(Dowler et al., 2002). Essentially, lyophilized lipids were reconstituted as 0.5 mM stock with
1:1 methanol and chloroform and stored at -80°C. For the assay, phosphoinositide stocks
were diluted with a solution of 2:1:0.8 methanol:chloroform:water. 1 µl of diluted lipids was
spotted on Hybond-C extra membrane (Amersham Biosciences). After the membrane was
air-dried at room temperature for 1 hr, it was blocked with 2 mg/mL BSA (Fisher Scientific)
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dissolved in TBS-T (50 mM Tris-HCl, pH 7.5, 150 mM NaCl, 0.1% Tween-20) for 1 hr at room
temperature with gentle rocking. The membrane was washed 3 times with TBS-T, followed
by incubation with 10 nM purified protein diluted in the blocking solution (2 mg/mL BSA in
TBS-T) at 4°C for 2 hrs. Then, the membrane was washed with TBS-T 10 times for 5 min,
followed by standard immunoblotting procedures using either anti-GST (Sigma) or antiMBP antibodies (NEB).

PI(3,5)P2 bead pull-down and competition assays
PTEN-GST, GST-PTENA or GST-PTEND (0.06 µM) was incubated with 25 µl of
PI(3,5)P2 coupled or control beads (Echelon Biosciences) in pull-down buffer (10 mM
Hepes-NaOH, pH 7.5, 1 mM DTT, 150 mM NaCl, and 0.1% Triton X-100) at room
temperature for 1 hour. Beads were spun down at 1000Xg for 30 seconds and washed 4
times with pull-down buffer. Protein was eluted by boiling the beads with SDS-PAGE sample
buffer. 1.25% of the input material and 48.8% of the elution was loaded and separated on a
10% SDS-PAGE gel. Immunoblotting was performed with an anti-GST antibody. For the
competition assays, incubation of the protein with PI(3,5)P2-coupled beads was performed
in the presence of 5 µM micelle dispersions of different phosphoinositides and analyzed
similarly.

Variable-angle epifluorescence microscopy (VAEM)
Moss protonemal tissue was grown in PpNH4 medium for 5-6 days. For imaging,
protonemal tissue was placed on a 1% agar pad in Hoagland's medium, covered with a glass
coverslip, sealed with VALAP (1:1:1 parts of vaseline, lanoline and paraffin) and
immediately observed at room temperature. The slide was mounted on a Nikon Ti-E
inverted microscope equipped with a mirror-based Nikon T-FL-TIRF illuminator and
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imaged with a Nikon 1.49 NA 100x oil immersion TIRF objective. The 1.5x optivar was used
for all images to increase magnification. The laser illumination angle was adjusted
individually for each sample to achieve the maximum signal to noise ratio. GFP was excited
with a 488 argon ion laser and GFP emission from the specimen was captured with an
Andor iXON3 1024 × 1024 electron-multiplying CCD camera. Dual-view VAEM was acquired
on a similar system equipped with a Nikon 1.45 NA 60x oil immersion TIRF objective and
equipped with a dual-view (TuCAM, Andor technology) 512 × 512 EM CCD camera (Andor
Technology), and on a similar system using two Zyla sCMOS cameras (Andor technology).
GFP and mCherry were simultaneously excited with a 488 and a 561 argon ion laser,
respectively. The electronic gain was 300 and exposure time was at least 50 msec for both
imaging systems. Image acquisition process was controlled by NIS-Elements AR 3.2
software (Nikon) and images were further processed with ImageJ, including background
subtraction and enhanced contrast.
Tracking of cortical For2A-GFP dots for chapter 2 was performed with Metamorph
Offline 7.0. The original VAEM images were first processed with the software's "2D
deconvolution" function and then analyzed with the "track objects" application. The speed
of linear dots was measured manually using Image J. Quantification of the density of cortical
For2A-GFP was performed in ImageJ, using the “Analyze Particles” function. Images were
first corrected for uneven illumination using the background correction plug-in, filtered
with a FFT bandpass filter, and then binarized using maximum entropy thresholding. 50-60
slices from a time-lapse acquisition were binarized with this method and particles between
8-80 square pixels were counted. The automated counting method was validated by
manually counting the dots in at least five frames from a time-lapse acquisition. The average
number of dots was divided by the total area of the VAEM imaging field. Rate of actin
polymerization was measured manually using ImageJ. The length of a growing filament was

121

measured. The rate was calculated by dividing the total length the filament grew by the time
it took to grow.
For cortical dot density and trajectories presented in chapter 4 and for cortical dot
dynamics presented in chapters 3 and 4, samples were imaged using the Nikon Perfect
Focus system and with a constant TIRF angle. For density and trajectory measurements,
only apical cells were imaged. To qualify for imaging a region of interest (ROI) in the TIRF
imaging field must be located in an apical cell and the tip of the cell must be observable in
the same field. First, a full field brightfield image (not in TIRF) and fluorescence image (in
TIRF) were taken. These were merged to allow measurement of the distance of the
fluorescence area with respect to the cell tip, as well as the angle of the cell tip to the
horizontal. Then, the ROI was captured using a 256x256 pixel box, regardless of ROI size, to
allow a constant imaging time. Movies were taken for 30s or 60s, at no delay with 100ms
exposure time.
Dot identification and trajectory quantification was done in NIS elements (Nikon).
Movies were contrast enhanced by detecting regional maxima and autocontrasting
(count=10) and background subtracted with a 7 pixel rolling ball radius. Cortical dots were
identified using automated spot detection, identifying bright spots and a typical dot
diameter of 0.54μm of bright and clustered dots and an 82.9 contrast setting, giving an
average dot count per movie. ROI size of the movies was measured using ImageJ.
Linear trajectories were also automatically quantified using the track binaries
module in NIS elements. The minimum trajectory length was determined to be 0.75μm,
based on the automated trajectories measured in a 25μm Latrunculin B control sample
(immobile dots). Also, trajectories slower than 1μm/s were omitted. A gap maximum of 3
frames was allowed. For trajectory orientation, speed vectors of the trajectories were
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plotted on a polar graph using NIS elements and binning of the vectors per quadrant
relative to the cell tip angle was quantified manually.
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Table 6.1 Primers used in this study
Primer Name
attB5BamHImEGFP
attB2mEGFPBglI
GST-FOR-EcoRI
GST-REV-XhoI
PTEN -For-NdeI
PTEN -RevEcoRI
caccPpPTENA
For
PpPTENA Rev
caccPpPTEND
For
PpPTEND Rev
attB1 PTENA
For
attB5r PTENA
Rev
attB1 PTEND
For
attB5r PTEND
Rev
attB4 PTENA
Rev
attB4 PTEND
Rev
attB4For2APTE
N
attB1For2APTE
N
attB1MTM1 For

attB4MTM1 Rev
attB5rMTM1
Rev
attB1 ATG18 For
attB4 ATG18
Rev

Primer Sequence
GGGGACAACTTTGTATACAAAAGTTGTGGGATC
CATGGTGAGCAAGGGCGAG,
GGGGACCACTTTGTACAAGAAAGCTGGGTAAGA
TCTTTACTTGTACAGCTCGTCCATGCC
TTA AGA ATT CAT GTC CCC TAT ACT AGG TTA
TTG
TTA ACT CGA GAT CCG ATT TTG GAG GAT GGT
CG
GGA ATT CCA TAT GTC TCT GTT TCG CCG ATT
C
TTA AGA ATT CGC GAT CAC GAG ATG AAC TCA
G
CACCATGGCAGACATAGCAGAAGCTG

Use
mCherry-L5L2

TCACTGTAGTTCCTCCTCACTGTC
CACCATGGGTGTTGATTGCGACTC

PTENA-pENT
PTEND-pENT

TTACATTTCGTCGCTTTCGTAATCC
GGGGACAAGTTTGTACAAAAAAGCAGGCT
CTATGGCAGACATAGCAGAAGCTG
GGGGACAACTTTTGTATACAAAGTTGTCTGTAG
TTC CTCCTCACTGTC
GGGGACAAGTTTGTACAAAAAAGCAGGCT
ctATGGGTGTTGATTGCGACTC
GGGGACAACTTTTGTATACAAAGTTGTCATTTC
GTC GCTTTCGTAATCC
GGGGACAACTTTGTATAGAAAAGTTGGGTGCTG
TAG TTCCTCCTCACTGTC
GGGGACAACTTTGTATAGAAAAGTTGGGTGCAT
TTC GTCGCTTTCGTAATCC
GGGGACAACTTTGTATAGAAAAGTTGGGTGGCG
ATCACGAGATGAACT
GGGGACAAGTTTGTACAAAAAAGCAGGCTTAAT
GTCTCTGTTTCGCCGA
GGGGACAAGTTTGTACAAAAAAGCAGGCT
CTATGGCTTCTGCATCAACTTCTA

PTEND-pENT
PTENA-L1R5

GGGGACAACTTTGTATAGAAAAGTTGGGTGGAA
GTGAGTTTGCACATGGG
GGGGACAACTTTTGTATACAAAGTTGTGAAGTG
AGT TTGCACATGGG
GGGGACAAGTTTGTACAAAAAAGCAGGCTCTAT
GTCTGATTCATCACCTACTATCAAC
GGGGACAACTTTGTATAGAAAAGTTGGGTGATC
CAT CAAGATGGAATACTGTGAC
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mCherry-L5L2
pET21-GST
pET21-GST
PTEN-GST
PTEN-GST
PTENA-pENT

PTENA-L1R5
PTEND-L1R5
PTEND-L1R5
PTENA-L1L4
PTEND-L1L4
PTENA5-L1L4
PTENA5-L1L4
MTM1-L1L4
MTM1*-L1L4
MTM1-L1R5
MTM1*-L1R5
MTM1-L1L4
MTM1*-L1L4
MTM1-L1R5
MTM1*-L1R5
ATG18-L1L4,
ATG18-L1R5
ATG18-L1L4

attB5r ATG18
Rev
attB1 HsPTEN
For
attB4 HsPTEN
Rev
attB1-2XFYVEF3
attb4-2XFYVE-R
attB1 TAPP1 For
attB4 TAPP1
Rev
attB1 PHplds
For
attB4 PHplds
Rev
Mtm1*noBssSI

GGGGACAACTTTTGTATACAAAGTTGTATCCAT
CAA GATGGAATACTGTGAC
GGGGACAAGTTTGTACAAAAAAGCAGGCTCT
ATGACAGCCATCATCAAAGAGATC
GGGG ACAACTTTGTATAGAAAAGTTGGGTG
GACTTTTGTAATTTGTGTATGCTGATC
GGGGACAAGTTTGTACAAAAAAGCAGGCTATGC
GAGTGAATTTATCAATTGAATTCG
GGGGACAACTTTGTATAGAAAAGTTGGGTGCTG
CAGGTCGACTTTTGC
GGGGACAAGTTTGTACAAAAAAGCAGGCTCT
ATGCCTTATGTGGATCGTCAG
GGGGACAACTTTGTATAGAAAAGTTGGGTGCAC
GTC ACTGACCGGAA
GGGGACAAGTTTGTACAAAAAAGCAGGCTCTAT
GCGAGGCCTACAGGATGATG
GGGGACAACTTTGTATAGAAAAGTTGGGTGGAT
GTT GAGCTCCTTCAGGAA
TGAGATCCTTACGAGATACGC

Mtm1*noBssSIc
omp
attB5rBssS1hMT
M1R

GCGTATCTCGTAAGGATCTCA

FH2-

CCATTGAGATCTAGGATTGGAGAATTCGAGAAC
CTGTACTTCCAG

EcoTEV3
Xflag-F
L2Stop-3Xflag-R

GGGGACAACTTTTGTATACAAAGTTGTATCACG
AGAGAAGTGAGTTTGCACATGGG

attB5r-SmaFH2R
Formin3-F
Formin3-R
For3RNAiF
For3RNAiR
For1F-F1

GTACAAGAAAGCTGGGTACTACTTGTCATCGTC
ATCCTTGTAGTC
CACCATGGAAGAAGCGGCTAATGC
GACTGGAAGGAGAGTCCACAG
CACCGGCAGATTCTGGAATTCTCGATG
GAAGTAATCTCTCCACAGCTAAGAG
GGGGACAAGTTTGTACAAAAAAGCAGGCTGCAG
AGGTCCGGGTGGTCC
GGGGACAACTTTTGTATACAAAGTTGTTCCAAT
CCTAGATCTCAATGGAGAAAATCTTGCG
GAAGGTGATGGATTAAGCATGGAT
CCGCCAGAAGCTTATTGAATGTC
CACCCTCGAGGCATGCAAAGAGCTGAGA
TACCGGATCCCAAAGTGCAACAAAGTGG
GATCAGTGGATGGCTAGACAAGCC

For1F-F2

ATGGTGGACATGGTGAAGTGTATCC

For1F-F3

CCTTGGTGACAGAGTTGGATCGC

For1F-R1

AGGAGCTGATCTTCCTGGTGG

FAB1A-FW
FAB1A-RV
FAB1C-FW
FAB1c-RV
attB1-SmaFH2-F
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ATG18-L1R5
HsPTEN-L1L4
HsPTEN-L1L4
2xFYVE-L1L4
2xFYVE-L1L4
TAPP1-L1L4
TAPP1-L1L4
PH-L1L4
PH-L1L4
Remove BssSI site
from MTM1*-L1R5
Remove BssSI site
from MTM1*-L1R5
Incorporate new
BssSI site into
MTM1*-L1R5
2AFH2-3XFLAG-L3L2
2AFH2-3XFLAG-L3L2
FAB1-AB-RNAi
FAB1-AB-RNAi
FAB1-C-RNAi
FAB1-C-RNAi
2AFH2-L1R5
2AFH2-L1R5
For1F RNAi
For1F RNAi
For1F RNAi
For1F RNAi
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of

For1F-R2

GGTGGTGCAGGAGAAACTGAATCG

For1F-R3

GCGATCCAACTCTGTCACCAAGG

For1F-F4

GGAGGACTTTAAATTGGCGAAGCTCG

For1F-F5

CAGAAACCCTGCCCTCTTTGATCG

For1F-F6

GGCAATCGACTGAACGATAGCC

For1F-F7

TATGGAGCACATGCTGGATTTAGGG

For1F-F8

CTTTGGACCATCAGCCCACC

For1F-F9

TCTTCAACTGTGTATCGACACAATCATGG

For1F-F10

GCTGAGGCAGCAGCTTCC

For1F-F11

TACTCCGTTGGCTTTACAGTGAGC

For1F-F12

CCAATTTGGCAATGAACGTGAAGG

For1F-F13

GATCAAAGCATGATACCGCTGTGG

For1F-F14

AACGTGCGTCGCTGTCTCAG

For1F-F15

ATGAGAGGACTCACGAATTGGTTAAGG

For1F-F16

CGAGTGCTAGAACAATTAGTGGTCGC

For1F-F17

GTTCGGAAGGAGGCTGATGTAATATCC

For1F-F18

CAAGGGAAAAGTGTGCTCCAGC

For1F-5-Tarm-F

For1F-R4

GGGGACAAGTTTGTACAAAAAAGCAGGCTATTT
AAATTTAAGTTTGCCGTCAGGTGGTAGG
GGGGACAACTTTTGTATACAAAGTTGTAGAACT
TTTACCTCCCTTCACAGGTTG
GGGGACAACTTTGTATAATAAAGTTGCTTGCTG
GTGAACAATGCTCTCC
GGGGACCACTTTGTACAAGAAAGCTGGGTATTT
AAATGGAATCCGAATGGACTACGA
GCTGGAGCACATTTTCCCTTG

For1F-F19

GATGATAATTTGGGAGATCTTAGGCACG

For1F-F20

ATGAAAAGTCAAAGTGGCGAGCTGG

For1F-5-Tarm-R
For1F-3-Tarm-F
For1F-3-Tarm-R
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For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
tag 3' end of For1F
locus
tag 3' end of For1F
locus
tag 3' end of For1F
locus
tag 3' end of For1F
locus
Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F

For1F-F21

TTTGGCTTTGCAGGCGTGC

For1F-F22

ATAAAGGGAGTGGACCAATGACTTGG

For1F-F23

GTTTTCGAGCATCTGGTGATAACGC

For1F-3xGFPgentyp-F
For1F-3xGFPgentyp-R
For1F-3xGFPGT-F
For1F-3xGFPGT-R
For1F-GT-int-F

TAGGCTCTACCTGCTGGTCTTC

For1F-GFPinternal-F
F1FFH1-FW

GCATTTGCAGCCGTGAAGAAGGTTAGTATT

F1FFH1-RV

TCCATTGATTTATCCAGATTATCCCACACC

SEC-F24

CACCATGCTGATAAAGGGAGTGGACC

SEC-RV

ATAAAGGTTGACTTCAAAGGAGC

F1FFH2-FW

CACCGGTAAAAAACCACCTCCGCCG

F1FFH2-RV

CTAAGAACTTTTACCTCCCTTCACAGG

SEC 5UTR-1 FW

CACCGTGGATCGCCGGTGGTGTTGACG

SEC 5UTR-2 FW

CACCCGGCAATTGCTTGCGTTGCGTTGC

SECUTR-RV

CTTCACTCGTTAATTCAAGAGCAG

S10F1Fout5arm-F
S10F1Fout3arm-R
SEC10F1F3UTR-F

GGCACAAAAAGGAAGTTGAACC

Find the 5' end of
For1F
Find the 5' end of
For1F
Find the 5' end of
For1F
Genotyping For1F GFP
knock-in
Genotyping For1F GFP
knock-in
Genotyping For1F GFP
knock-in
Genotyping For1F GFP
knock-in
Genotyping For1F GFP
knock-in
Genotyping For1F GFP
knock-in
Cloning FH1 part of
For1F
Cloning FH1 part of
For1F
Cloning Sec10 part of
For1F
Cloning Sec10 part of
For1F
Cloning FH2 part of
For1F
Cloning FH2 part of
For1F
Cloning the 5’
untranslated region of
For1F
Cloning the 5’
untranslated region of
For1F
Cloning the 5’
untranslated region of
For1F
Genotyping For1F KO

CGAAAATAAATACCATCTGTTTTAAGACAAC

Genotyping For1F KO

CACCGTATCGTATTGGGCATGTAAAC

SEC10F1f-3UTRNot1-R

ATTGCGGCCGCCTCGCTCCTTTCGTGTCCTA

Cloning the 3’
untranslated region of
For1F
Cloning the 3’
untranslated region of
For1F

ATGCAGTGTTCACCACCCTCTT
AATTTTTCTATCCAGCTTCGGG
GCAATCATTTTGTACATTGTGACA
GAAGGACGCTTCGCTGCATC

CACCATGGTGGACATGGTGAAGTGTATCC
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SEC10-attB1-F
SEC10-attB5rR2
SEC10-1-F

GGGGACAAGTTTGTACAAAAAAGCAGGCTTAAT
GCTGGATAAAGGGAGTGGACC
GGGGACAACTTTTGTATACAAAGTTGTTGTATC
CTTTACTACTGTATTTG
CACCGGTGGAAGGCATCTCACCACC

SEC10-EcoR1-1R
SEC10-2-EcoR1F
SEC10-2-R

AGGAATTCCCATTTCCATTCAAAGCAGTG

SEC6 5UTR-F

CACCCTGCTTCGTCATTTTCTCTCTC

SEC6 5UTR-R

GAATTCGATGCTCCGAACTGCTCACAC

SEC6 3UTR-F

CACCGAATTCCGAGAGAAGGAAATAGTGTTATG

SEC6 3UTR-R

CCTGAATATACTTACATCGAG

SEC6-F
SEC6-R
SEC10a-nRV
5-arm SEC6-F

CACCATGATGATGCATGATGCTGGC
TCACTTCCTTCCTGGCCTGTA
GCTGGTACTCCATGTACACCAC
GGGGACAAGTTTGTACAAAAAAGCAGGCTATTT
AAATCTATACAAACTT
GGGGACAACTTTTGTATACAAAGTTGTCTTCCT
TCCTGGCCTGTATTTTG
GGGGACAACTTTGTATAATAAAGTTGCTCGAGA
GAAGGAAATAGTGTTATGA
GGGGACCACTTTGTACAAGAAAGCTGGGTAATT
TGCATGTGTTTAGAAACT
GGGGACCACTTTGTACAAGAAAGCTGGGTAATT
TAAATGCATGTGTTTAGAAACTG
GCAATACCCGAGCTAAGTTTG

5-arm SEC6-R
3-arm SEC6-F
3-arm SEC6-R
3-arm SEC6RSwaI
SEC6 CDS int
seq-F1
SEC6 CDS in seqF2
For1Fgeno-F

CACCGAATTCCGGAAAGGGACGGTGGATAC
CGGCTGAAGCTCTCAAACAGG

GGATTGGCAGCTCAGTGTGCTG
CACTGTATTAACACTAGGAGAGTGG

For1Fgeno-R

GTTACGGTGGAATCCGAATGG

for1Fgeno-R2

GAGTTTGAATGTGGCTTGTGC

SEC6-geno-F

GACTGGTACGAAGGTTTAGTG
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Cloning the Sec10 part
of For1F
Cloning the Sec10 part
of For1F
RNAi fragment of
Sec10a
RNAi fragment of
Sec10a
RNAi fragment of
Sec10b
RNAi fragment of
Sec10b
Cloning the 5’
untranslated region of
Sec6
Cloning the 5’
untranslated region of
Sec6
Cloning the 3’
untranslated region of
Sec6
Cloning the 3’
untranslated region of
Sec6
Cloning Sec6
Cloning Sec6
Cloning Sec10a
Sec6 5’ targeting arm
Sec6 5’ targeting arm
Sec6 3’ targeting arm
Sec6 3’ targeting arm
Sec6 3’ targeting arm
Sec6 genotyping
primer
Sec6 genotyping
primer
For1F genotyping
primer
For1F genotyping
primer
For1F genotyping
primer
Sec6 genotyping
primer

SEC6-geno-R

TTTTTGAACAACTTGACATG

PpSEC10-F

CACCATGAGGGTTGCGGAAAGGGAC

PpSEC10-R

TCAGTGGACTAAAGCCGTAAGCC

SEC10b-F2

GATCATCTTCAGAACGCAGATG

SEC10b-F3

GTTCCTGGATGCAGAGATTATG

SEC10b-F4

GTATCGGTCTTGATGCTGCC

For1A-5-Tarm-F

GGGGACAAGTTTGTACAAAAAAGCAGGCTATTT
AAATTCAATGGGAAACTTTCAGATCTCGG
GGGGACAACTTTTGTATACAAAGTTGACGTTGT
GGTGGTTGTCCTC
GGGGACAACTTTGTATAATAAAGTTGCTGGGGC
GATGTTTGAAAATTA
GGGGACCACTTTGTACAAGAAAGCTGGGTATTT
AAATGAAAGCGAAGAGCAAGTGGT
TTCGACTCTCAATAGCAAGCTG

For1A-5-Tarm-R
For1A3-Tarm-F
For1A-3-Tarm-R
For1A-3xGFPgentyp-F
For1A-3xGFPgentyp-R
For1A-3xGFP-gtf
For1A-3xGFPGT-R
For1D-5-Tarm-R
For1D-3-Tarm-F
For1D-3-Tarm-R
For1D-5Tarm-Fnew
For1D-3xGFPgentyp-F
For1D-3xGFPgentyp-R
For1D-3xGFPGT-F
For1D-3xGFPGT-R

CATCTGTTCAGTCTGTGAGTGA
GAAGTCTTGGAGACGCTGGTCA
TGCTCTCAGTCATTTCCCTTGC
GGGGACAACTTTTGTATACAAAGTTGTATTCGT
TTTATTCGGCAGGGAG
GGGGACAACTTTGTATAATAAAGTTGCTTGCAG
CATGATTTTGAAAGG
GGGGACCACTTTGTACAAGAAAGCTGGGTATTT
AAATAGAGCTCAAGGTTGCCAAAA
GGGGACAAGTTTGTACAAAAAAGCAGGCTATTT
AAATGCGTTTGAGCGTCTTCAAGC
TGGCCGGATCAGTATCTACTAA
TCCAACCAACCATAATCGATGT
CTCACAACATTGCCATCCAGCT
ATTCGGGGACGCAATCGAGATT
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Sec6 genotyping
primer
Sec10b sequencing
primer
Sec10b sequencing
primer
Sec10b sequencing
primer
Sec10b sequencing
primer
Sec10b sequencing
primer
Tag 5' end of For1A
locus
Tag 5' end of For1A
locus
Tag 3' end of For1A
locus
Tag 3' end of For1A
locus
Genotyping For1A GFP
knock-in
Genotyping For1A GFP
knock-in
Genotyping For1A GFP
knock-in
Genotyping For1A GFP
knock-in
Tag 5' end of For1D
locus
Tag 3' end of For1D
locus
Tag 3' end of For1D
locus
Tag 5' end of For1D
locus
Genotyping For1D
GFP knock-in
Genotyping For1D
GFP knock-in
Genotyping For1D
GFP knock-in
Genotyping For1D
GFP knock-in
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